CHAPTER 16
Principles of Enzyme
Catalysis

F

or two molecules to undergo a reaction, they must collide and be in a relative
orientation that brings the reacting groups close together. The molecules must
also have sufficient energy to overcome the energetic barrier to the reaction. We
have noted, in Chapter 15, that catalysts can speed up the rates for reactions by
bringing molecules together and by reducing the activation energy for the reaction.

Biologically important reactions are catalyzed by enzymes, which are composed
of proteins or RNA. In this chapter, we will apply the general ideas concerning
kinetics that were developed in Chapter 15 to understand how enzymes work.
We will discuss a few specific enzymes in detail, describe how they catalyze the
reactions that they have evolved to accelerate, and explain how their activity is
regulated.
The kinetic analysis of enzyme reactions dates back over 100 years, to early studies by Victor Henri, Leonor Michaelis, and Maud Menten. The basic equations
describing enzyme kinetics introduced by Henri, Michaelis, and Menten are still
in use today, which is a tribute to these early workers, who obtained their insights
long before the three-dimensional structures of proteins were known. The first
structure of an enzyme was revealed only much later, in 1965, when David Phillips determined the crystal structure of the enzyme lysozyme, which hydrolyzes
polysaccharides that are part of bacterial cell walls. Lysozyme has features that are
common to many enzymes, including a cleft containing the residues responsible
for catalysis, as shown in Figure 16.1.
Long after the first protein enzymes were characterized, it was shown that some
RNAs in cells also have catalytic activity. This discovery caused a conceptual shift
in biochemistry, because it expanded our definition of an enzyme to include RNA
as well as protein catalysts. Thomas Cech first showed in 1982 that some RNAs
containing introns and exons can catalyze a self-splicing reaction, excising the
intron from pre-mRNA (Figure 16.2). At about the same time, Sidney Altman
showed that the RNA component of an enzyme known as ribonuclease-P cleaves
a precursor RNA molecule during the maturation of tRNA; Cech and Altman
shared the Nobel Prize for their discoveries. In the last part of this chapter, we discuss the structure and mechanism of two kinds of catalytic RNAs, a self-cleaving
RNA and a self-splicing one.

A.

MICHAELIS–MENTEN KINETICS

In this part of the chapter, we develop a very simple but extremely powerful conceptual framework for analyzing the rates of enzyme-catalyzed reactions. This
scheme, known as Michaelis–Menten kinetics, is built on the idea that the substrate and the enzyme have to first bind and form a complex in order for the reaction to proceed. By using the Michaelis–Menten equations to model the measured
rates of reactions under steady-state conditions, we can extract many useful
parameters that are characteristic properties of enzymes.
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Figure 16.1 A protein enzyme,
lysozyme. (A) Lysozyme catalyzes
the cleavage of polysaccharides
consisting of alternating GlcNAc
and MurNAc residues (see Figure
3.9), such as the hexasaccharide
shown here. (B) The structure
of the enzyme hen egg white
lysozyme is shown in complex with
a polysaccharide substrate bound
in the active site cleft. (A, adapted
from N.C.J. Strynadka and
M.N.G. James, J. Mol. Biol. 220:
401–424, 1991. With permission
from Elsevier; PDB code: 1SFB.)
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Figure 16.2 A catalytic RNA. (A) The reaction catalyzed by a group
I self-splicing intron RNA, which is discussed in Section D. The intron,
shown in colors, is excised out of the parent RNA molecule. (B) Structure
of a fragment of the self-splicing RNA molecule. (PDB code: 1GID.)
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Enzyme-catalyzed reactions can be described as a
binding step followed by a catalytic step

For enzymatic reactions, the reactants are usually referred to as the substrates
for the enzyme. Substrate, enzyme, and product will be indicated by S, E, and P,
respectively. Within each enzyme there is an active site, which includes a region
where the chemical reaction actually occurs (the catalytic site). The active site
may also contain other regions that help hold and position the substrate at the
correct location in the active site. Most of the essential elements of enzyme kinetic
behavior are manifested when there is just a single substrate, and so that case will
be considered first because it is the simplest to understand.
For a single substrate, the overall enzyme-catalyzed reaction can be written as:
S+E

kf
kr

P+E

(16.1)

Initial velocity
When substrate is added to the
enzyme to initiate a reaction,
there is initially little or no
product present and the amount
of substrate has not decreased
significantly. The rate of the
reaction during this period is called
the initial velocity, v0.

We need, in general, to consider both the forward rate constant (kf ) and the rate
constant for the reverse reaction (kr). When analyzing the results of experiments,
the situation is simplified if the reaction is initiated by adding the substrate to the
enzyme, so that there are no product molecules initially. The rate of back reaction
is often very slow, and hence it can be ignored in the analysis. The rate of product
formation is then given by:
d[P]
v=
= kf [S][E]
(16.2)
dt
The rate of product formation is called the velocity of the reaction, v. If the rate
of the reaction is measured only during the initial period of the reaction (that is,
before substrate is depleted and product builds up), then the rate is referred to as
the initial velocity, v0.
Equation 16.2 predicts that the velocity of the reaction depends linearly on the
concentrations of both substrate and enzyme. In actuality, if one measures the
velocity of the reaction as a function of substrate concentration, holding enzyme
concentration constant, results such as those shown in Figure 16.3 are found. At
very low substrate concentrations the response is indeed linear, but with increasing substrate the rate levels off, reaching a maximum value termed the maximal
velocity (Vmax). A second parameter, the Michaelis constant (KM), specifies the
concentration of substrate required to reach half of this maximum velocity. As a
result, a more complex kinetic scheme than that described by Equation 16.1 is
required to explain these data.
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The Michaelis constant, KM, is
the concentration of substrate
required for the reaction velocity
to be 1/2 Vmax.

P
E

E

The maximal velocity, Vmax, is
the maximum rate of reaction
catalyzed by an enzyme at very
high substrate concentration.
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Figure 16.3 A graph of the initial
velocity of reaction for different
concentrations of the substrate,
S. At very high concentration, the
velocity approaches the value Vmax,
and it reaches half of that value when
the substrate concentration is KM, the
Michaelis constant.
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Figure 16.4 A schematic drawing of
the process of an enzyme binding
substrate, which reacts and then
is released as product. The analysis
of such a reaction scheme is known
as Michaelis–Menten kinetics. An
example of a real enzyme–substrate
complex is shown in Figure 16.5.
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The graph of reaction velocity as a function of substrate concentration (see Figure
16.3) is reminiscent of the hyperbolic binding isotherm for a ligand binding to a
protein (see Figure 12.4). Recall that at low substrate concentration the fraction
of the protein that is bound to ligand increases steeply with substrate concentration. But, at higher substrate concentration, as the protein becomes saturated, the
binding curve levels off and approaches a maximum value asymptotically. There
is, indeed, a close connection between the thermodynamics of binding and the
kinetics of enzyme-catalyzed reactions, because the first step in catalysis is the
binding of substrate to the enzyme. If the on- and off-rates for the substrate binding to the enzyme are fast compared to the catalytic step, then the binding can be
considered to be a reversible event, as shown in Figure 16.4.
Considering binding and dissociation of the substrate as separate kinetic steps
that come before the actual catalyzed reaction gives a more complicated kinetic
model:
k1
k2
⎯⎯
⎯
→ E•⋅ S and then E•⋅ S ⎯→
E+S ←
⎯ P+E
⎯
k

(16.3)

−1

Figure 16.5 The structure of the
TEV (tobacco etch virus) protease,
bound to its substrate. Flaps on the
enzyme close around the substrate
to enclose it. Binding pockets for a
phenylalanine in the front view (A)
and a leucine in the back view (B)
are evident. These are just two of the
many sequence-specific interactions
that are apparent when the structure
is examined carefully. (PDB code:
1LVB.)

The rate constant k2 is associated with the actual chemical step. As we discussed
earlier, the reverse reaction is ignored because, if the measurements are made
within a short time after mixing substrate and enzyme, then not enough product
is generated to drive the reverse reaction. This description of kinetic behavior is
called Michaelis–Menten kinetics, named for the biochemists who established
this model in 1913, following the slightly earlier work of Henri.
One important consequence of the reaction scheme shown in Equation 16.3 is
that the recognition of the substrate is separated from the catalysis of the chemical reaction. The specificity of the enzyme for the substrate often manifests itself
in the first step, with the nature of the interactions between the substrate and the
enzyme determining whether the substrate binds to the enzyme and whether it
binds in an orientation appropriate for catalysis. This step is governed by the same
set of principles that we have established in Chapters 12 and 13 for simple binding
events. As an example, the structure of a protease enzyme bound to its substrate
is shown in Figure 16.5. Proteases are enzymes that cleave peptide bonds. Some
proteases are digestive enzymes and cleave peptides with hardly any specificity.

(A)

(B)
substrate

substrate

Leu

Phe

TEV protease

TEV protease
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Others, such as the one shown in Figure 16.5, are very specific, and cleave only
particular peptide bonds within a specific sequence context. As you can see from
the structure shown in Figure 16.5, numerous interactions between the enzyme
and the substrate ensure that only the correct target sequence binds with high
affinity to the enzyme.

16.2

The Michaelis–Menten equation describes the kinetics
of the simplest enzyme-catalyzed reactions

For the reaction scheme shown in Equation 16.3, the initial velocity, v0, is given
by:
d[P]
v0 =
= k2 [E • S]
(16.4)
dt
If we initiate the reaction by mixing enzyme with substrate, the enzyme–substrate
complex will begin to form, but can dissociate to release free enzyme. The complex can also generate product and then dissociate to release free enzyme. After
some time, the rates of formation and dissociation of the enzyme complex will
become equal, and so the concentrations of the free enzyme and the enzyme–
substrate complex will reach constant values. Recall from Section 15.13 that this
corresponds to a steady-state situation. We will use [E•S]ss to denote the steady
state concentration of the enzyme–substrate complex. As long as there is a large
amount of substrate present, [E•S]ss does not change with time and we can write:
d[E • S]ss
= k1[E][S] k 1[E • S]ss k2 [E • S]ss = 0
(16.5)
dt
Rearranging this gives:
k [E][S]
[E • S]ss = 1
k 1 + k2
(16.6)
Using Equation 16.6 in Equation 16.4, the initial velocity, v0, is given by:
k k [E][S]
v0 = k2 [E • S]ss = 1 2
k 1 + k2

(16.7)

In Equation 16.7, [E] is the concentration of free enzyme. The concentration of the
free enzyme is not straightforward to determine experimentally or to calculate.
[E] can be eliminated from the rate equations by rewriting them to use the total
enzyme concentration present, [E]0:
[E]0 = [E] + [E • S]ss or [E] = [E]0 [E • S]ss

(16.8)

The same idea can be applied to the substrate, but the substrate is usually present
in large excess relative to enzyme. If the rates are measured only during a brief
period immediately after initiating the reaction (again, by measuring the initial
velocity, v0), we can then assume that the concentration of the substrate ([S]) is
essentially constant at its starting value [S]0:
[S]0 = [S] + [E • S] [S]

(16.9)

Substituting the expression for [E] into the equation for the steady-state concentration of enzyme–substrate complex (that is, Equation 16.6) then gives:
k ([E]0 − [E • S]ss )[S] k1[E]0 [S] k1[E • S]ss [S]
[E • S]ss = 1
=
−
(16.10)
k−1 + k2
k−1 + k2
k−1 + k2
Grouping together the terms containing [E•S]ss then gives:
k [E] [S]
k [S]
= 1 0
[E • S]ss 1 + 1
k 1 + k2
k 1 + k2
and again rearranging,
[E]0
[E • S]ss =
k +k
1+ 1 2
k1[S]

(16.11)

(16.12)
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Michaelis–Menten kinetics
Michaelis–Menten kinetics
derives from a model with
reversible substrate binding to
the enzyme, followed by the
chemical transformation. It predicts
the behavior of many enzymes
very well.
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We define the Michaelis constant, KM, as follows:
k +k
KM = 1 2
k1

(16.13)

Using this definition for KM in Equation 16.12, we get:
[E • S]ss =

[E]0
K
1+ M
[S]

(16.14)

We obtain an expression for the initial velocity by multiplying [E•S]ss by k2:
v0 = k2 [E • S]ss =

k2 [E]0
K
1+ M
[S]

(16.15)

The maximum velocity, Vmax, of the enzyme-catalyzed reaction occurs when all of
the enzyme is bound to substrate—that is, when [E•S] is equal to [E]0. And so the
value of Vmax is given by:
Vmax = k2 [E]0
Substituting this into Equation 16.15 gives:
Vmax
v0 =
K
1+ M
[S]

(16.16)

(16.17)

Equation 16.17 is called the Michaelis–Menten equation and it predicts precisely
the behavior shown in Figure 16.3 and Figure 16.6.

Michaelis–Menten
equation
For the simplest enzyme-catalyzed
reaction, shown in Equation 16.3,
the initial rate of the reaction under
steady-state conditions is given by:
v0 =

Vmax
⎛ KM ⎞
1+
⎜
⎟
⎝
[ S] ⎠

Vmax is the maximum rate of the
reaction and KM is the Michaelis
constant, which corresponds to the
substrate concentration at which
the rate is half-maximal.

Note that when [S] = KM, the velocity will be half of Vmax, which is the functional
definition of KM given originally in Section 16.1. The value of the Michaelis constant can be determined experimentally by using data such as those in Figure 16.6
and equating KM to the substrate concentration at which the velocity is half-maximal. The determination of the value of KM in this way is only possible if the rate of
the reaction can in fact be measured at a sufficiently high substrate concentration
that the plateau value is observed. This may not be possible if the substrate is not
sufficiently soluble, and alternate methods for determining the value of KM are
discussed below in Section 16.8.

16.3

The value of the Michaelis constant, KM, is related to
how much enzyme has substrate bound

The value of the Michaelis constant (KM) determines how much of the enzyme is
bound to the substrate, as can be seen from the expression for the concentration
of the enzyme–substrate complex, [E•S]ss, given by Equation 16.14. [E•S]ss can be
expressed as the product of the fractional occupancy of the enzyme, f, multiplied
by the total enzyme concentration, [E]0:
[E • S]ss = f [E]0

(16.18)

where
f=

1
K
1+ M
[S]

Based on the discussion in Chapter 12 (see Equation 12.11), we know that if the
enzyme and the substrate are in equilibrium, then the fraction of enzyme bound
to ligand, f, is given by:
f=

[S ] =
K D + [S ]

1
K
1+ D
[S]

(16.19)
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increase with increasing [S]

It is apparent, from a comparison of Equations 16.18 and 16.19, that the Michaelis
constant, KM, plays a role analogous to that of the dissociation constant, KD, in
determining how much of the enzyme is bound to the substrate. Note, however,
that KM and KD are fundamentally different. Equation 16.18 applies to the steadystate (nonequilibrium) situation, and the Michaelis constant is determined by a
set of rate constants, including the rate constant for product formation (see Equation 16.13). Equation 16.19 applies only at equilibrium and the dissociation constant for the formation of the enzyme–substrate complex does not depend on the
product at all, and is simply given by the ratio of rate constants for the dissociation
k
of the enzyme–substrate complex and for its formation ( K D = 1 , as explained
k1
in Section 15.18).
Looking at the reaction scheme in Equation 16.3, if k2 >> k–1 (that is, if the chemical
catalysis step is slow compared to dissociation of the substrate), then the value of
KM approaches the value of the dissociation constant for the enzyme–substrate
complex (that is, KM ≈ k–1/k1). When k2 is comparable to or larger than k–1, then
the occupancy of the active site decreases (as though the dissociation constant
was higher, corresponding to apparently weaker binding) because substrate is
converted to product and is released frequently, emptying the active site.
To make these ideas more concrete, let us look at an example in which we compare two situations. In one, there is a binding equilibrium between an enzyme and
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Figure 16.6 The velocity of an
enzyme reaction as a function of
substrate. The velocity is linear in [S]
at very low values [S] (shown by the
steep blue line intersecting the origin),
because the reaction is bimolecular.
The rate becomes independent of
[S] at very high [S] because most of
the enzyme molecules are occupied
by substrate. The rate approaches a
maximal value, denoted by the gray
line, which is Vmax. The value of KM
for the enzyme is indicated by the
substrate concentration corresponding
to half-maximal rate.
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a substrate, with product formation blocked. In the other situation, the enzyme
converts the substrate to product. Let us suppose that the substrate binds to the
enzyme with a high rate constant (for example, k1 = 108 M•sec−1). Assume that the
dissociation constant is 1 μM, which is a fairly typical value for binding equilibria
in the cell. This means that the rate constant for dissociation, k−1, must be:
k 1 = K D k1 = (10

6

)(10 ) = 100 sec
8

1

(16.20)

We assume that the concentration of the substrate is equal to the value of the dissociation constant (for example, [S] = KD = 1 μM; the concentration of the enzyme
is assumed to be much lower). If the enzyme and the substrate are at equilibrium,
then 50% of the enzyme will be bound to substrate, as shown in Figure 16.7A.
Now consider, instead, a steady-state situation in which the enzyme turns over
the substrate to generate product. The occupancy of the enzyme will depend on
the value of the catalytic rate constant, k2, in addition to k–1 and k1. If the rate of
catalysis is fast compared to the rate of dissociation of the enzyme–substrate complex (k–1), then the value of KM will be larger than the value of KD. For example,
if the value of k2 is 1000 sec–1, then using Equation 16.13 to calculate the value of
KM, we get:
k + k 100 + 1000
KM = 1 2 =
= 11 × 10 6
k1
10 8
(16.21)

(A) equilibrium situation
E+S

k1 = 108 M–1

–1

k–1 = 100 sec–1

(product formation is very slow)

initial state:
E and S mixed

equilibrium state
50% of E bound to S
[S] = KD = 10–6 M

Figure 16.7 The occupancy of an enzyme by substrate
at equilibrium, with no product formation, and under
steady-state conditions. (A) Equilibrium. The catalytic step
is assumed to be so slow that there is essentially no product
formation. In the example discussed in the main text, the
substrate concentration and the value of KD for the enzyme
are both equal to 1 μM, and so 50% of the enzyme is bound
to the substrate at equilibrium. (B) A steady-state situation,
when the rate of product formation is fast compared to the
rate of dissociation of the E•S complex. Only ~8% of the
enzyme molecules are bound to substrate because of product
formation and release.

f = 0.5

(B) steady-state situation
E+S

k1 = 108 M–1

–1

1000 sec–1

k–1 = 100 sec–1

E+P

(product formation and release is fast)

initial state:
E and S mixed

rapid buildup of
ES complex

rapid formation and
release of product

steady state
k–1 + k2
KM = — = 11 × 10–6 M
k1
1
f = — = 0.08
KM
1+—
[S]
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(A)

(B)

To calculate the occupancy of the enzyme, we use Equation 16.18:
1
1
1
f=
=
=
0.08
11 × 10 6 12
KM
1+
1+
1 × 10 6
(16.22)
[S]
Thus, because the enzyme turns over substrate and releases the product very
quickly, only about 8% of the enzyme is occupied by substrate under steady-state
conditions (Figure 16.7B).

16.4
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Figure 16.8 Two extremes of
substrate concentration. (A) When
the substrate concentration is low
(that is, when [S] >> KM), most of the
enzyme molecules (blue) are empty.
The rate is affected by the speed
with which substrate molecules (red)
bind to the enzyme. (B) When the
substrate concentration is very high
(that is, when [S] >> KM), almost all of
the enzyme molecules are bound to
substrate. The rate of the reaction
is then determined by the rate of
the chemical catalysis step on the
enzyme molecules. Further increases
in the concentration of the substrate
do not increase the rate because the
additional substrate molecules do not
have any empty enzyme molecules to
which they can bind.

Enzymes are characterized by their turnover numbers
and their catalytic efficiencies

When the substrate concentration is low, as shown in Figure 16.8A, most of the
enzyme molecules are not occupied by substrate. Under these conditions, the rate
of the reaction should be proportional to substrate concentration. As more substrate molecules are added to the reaction, there are empty enzyme molecules
to which they can bind, and the reaction proceeds faster. In particular, when [S]
>> KM, the 1 in the denominator of the Michaelis–Menten equation is small relative to KM/[S] and can be ignored. At low substrate concentration, the Michaelis–
Menten equation therefore takes a simpler form, in which the rate of the reaction
is related linearly to substrate concentration:
Vmax
Vmax
k2
=
[E]0 [S]
KM KM
K
M
1+
[S]
[S]
(16.23)
In Equation 16.23, we have used Equation 16.16 to replace Vmax with k2[E]0. Under
such conditions (that is, when [S] >> KM), most enzyme molecules are not occupied at any given time, so [E] ≈ [E]0.
v0 =

At high substrate concentration, specifically when [S] >> KM, the enzyme becomes
saturated with substrate (Figure 16.8B). Under such conditions, KM/[S] >> 1, so
KM/[S] can be ignored in the Michaelis–Menten equation. Thus, as the substrate
concentration is increased, the rate equation becomes independent of substrate
concentration asymptotically:
V
Vmax
v0 = max
= k2 [E]0
KM
1
1+
(16.24)
[S]
This asymptotic plateau in the value of the reaction rate is exactly the behavior
observed experimentally, as shown in Figure 16.6.
The apparent rate constant for an enzyme reaction at high substrate concentration
(that is, when the reaction is proceeding with maximal rate) is often referred to as
the catalytic rate constant, kcat. The value of kcat is also referred to as the turnover number for the enzyme, because it is the maximum number of reactions per
second per mole of the enzyme. For a reaction obeying simple Michaelis–Menten
kinetics, the value of kcat is the same as the value of k2, the rate constant associated

Catalytic rate constant, kcat
The apparent rate constant for
an enzyme-catalyzed reaction
operating at maximum rate is called
the catalytic rate constant, kcat.
The maximum rate, Vmax, occurs
when the enzyme is saturated with
substrate:
Vmax = kcat [E]0
If the enzyme obeys Michaelis–
Menten kinetics then kcat is the
same as k2, the rate constant
for the catalytic step (see
Equation 16.16).
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Catalytic efficiency
The ratio of the catalytic rate
constant to the Michaelis constant,
kcat/KM, is known as the catalytic
efficiency. This parameter is
equivalent to the second-order
rate constant for the enzymecatalyzed reaction at low substrate
concentration.

with the catalytic step. For more complicated reactions, such as those with multiple intermediates, kcat may not be related to any individual rate constant in a
simple way.
From Equation 16.23 it is clear that, in this low-substrate limit, k2/KM behaves as
a second-order rate constant. The ratio k2/KM is equivalent to kcat/KM, which is
referred to as the catalytic efficiency of the enzyme. Enzymes with large values
of kcat/KM, approaching values for rate constants of diffusion-limited secondorder reactions (~1010 M–1•sec–1; see Section 15.25), are very efficient. They bind
substrates and carry out the catalytic step as rapidly as possible. The catalytic
efficiency of a particular enzyme for different kinds of substrates is discussed in
Section 16.6.

16.5

A “perfect” enzyme is one that catalyzes the chemical
step of the reaction as fast as the substrate can get to
the enzyme

The catalytic rate constant, kcat, tells us how fast the enzyme catalyzes the chemical reaction once the substrate has arrived at the active site. Some enzymes need
to be very fast in order to keep up with the demands of the cell. One such enzyme
is triose phosphate isomerase, which catalyzes a reaction in glycolysis, the series
of reactions that generates ATP by the conversion of glycogen to lactate (shown
in Figure 16.9 and also discussed in Section 11.5). This anaerobic process for the
production of ATP is particularly critical for an animal to be able to mount a sudden and energetically costly effort, as in a “fight-or-flight” response to a threat.
As indicated schematically in Figure 16.9, during glycolysis glycogen is converted
in a series of steps to fructose-1,6-bisphosphate, which is broken down to form
dihydroxyacetone phosphate and glyceraldehyde-3-phosphate. Glyceraldehyde3-phosphate is then converted to pyruvate, with the generation of ATP and reducing power (NADH). Pyruvate can enter the citric acid cycle (see Figure 11.9),
which generates more ATP and NADH. Triose phosphate isomerase catalyzes the
conversion of dihydroxyacetone phosphate to glyceraldehyde-3-phosphate. This
doubles the amount of glyceraldehyde-3-phosphate that is converted to pyruvate
and therefore increases the output of ATP and NADH from glycolysis and the citric
acid cycle. If there were no triose phosphate isomerase, or if its catalytic action
were to slow down, the cell would incur an energy deficit.
glycogen

fructose-1,6-bisphosphate
Figure 16.9 Triose phosphate
isomerase in glycolysis. Shown
here is a highly simplified diagram of
the steps in glycolysis (you can also
refer to Figure 11.9). Triose phosphate
isomerase catalyzes the conversion
of dihydroxyacetone phosphate to
glyceraldehyde-3-phosphate, which
is processed further to yield ATP and
NADH. Without the action of this
enzyme, only half of the breakdown
products of fructose-1,6-bisphosphate
can be used to generate ATP and
NADH.

dihydroxyacetone
phosphate

glyceraldehyde3-phosphate

triose phosphate
isomerase
ATP
NADH
pyruvate
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Triose phosphate isomerase is a “perfect” enzyme, in the sense that it catalyzes
the conversion of dihydroxyacetone phosphate to glyceraldehyde-3-phosphate so
fast that the reaction is diffusion-controlled. In other words, the rate of the reaction is determined by how fast the substrate collides with the active site of triose
phosphate isomerase (see Section 15.25). A Michaelis–Menten analysis of the
enzyme reveals that the value of the catalytic rate constant, kcat, for triose phosphate isomerase is ~5000 sec–1. Let us see what this tells us about how fast the
reaction is catalyzed relative to the diffusion-limited rate.
In order to evaluate the reaction speed, we shall assume that the enzyme concentration is 1 nM (10−9 M), and that the substrate is at 10 μM (10−5 M), which is
approximately the dihydroxyacetone phosphate concentration in a cell. The rate
of the chemical step is then given by:
rate = kcat [E]0 = 5000 × 10−9 = 50 × 10−7 M • sec −1

(16.25)

Now let us calculate the diffusion-limited rate. Recall from Section 15.25 that the
second-order rate constant, kcollision, for collision between two molecules in solution is ~1010 M–1•sec–1. In Section 15.26 we noted that not all collisions are productive, because the two molecules may not be oriented correctly for reaction.
For an enzyme–substrate reaction, only collisions between the substrate and the
enzyme that occur at the active site of the enzyme will be productive, and then
only if the substrate is oriented correctly. This constraint reduces the effective rate
constant for productive collisions. Measurement has shown that the values of the
diffusional rate constant, kdiff, for enzyme–substrate reactions is in the range of
106 to 108 M–1•sec–1 (that is, only 1 in 10,000 to 1 in 100 collisions satisfy the orientational constraint).
Thus, a reasonable upper limit for the rate of productive diffusional encounters between the substrate and triose phosphate isomerase is given by choosing
107 M–1•sec–1 as the value for the diffusional rate constant:
rate = kdiff [E]0 [S] = (107 )(10−9 )(10−5 ) = 10−7 M • sec −1

(16.26)

You can see, by comparing the rate of the chemical step (Equation 16.25) and the
rate of productive encounters (Equation 16.26), that triose phosphate isomerase
is as fast a catalyst as it needs to be to keep up with the arrival of substrate at the
active site. There will be no evolutionary pressure to make triose phosphate isomerase a faster enzyme: if it worked any faster, the reaction would be limited by
the speed at which substrate collided with the active site.
Some enzymes actually work faster than the diffusion controlled limit. In Section 6.24 we discussed the fact that the electrostatic fields around proteins can
be strongly polarized by the locations of charged groups and by the shape of the
protein. This feature, called electrostatic focusing, is used by the enzyme acetylcholine esterase to guide positively charged substrates to the active site of the
enzyme, so that they arrive at the active site faster than they would through normal diffusion (see Figure 6.39).
Another enzyme that uses electrostatic focusing is superoxide dismutase, an
enzyme that converts the superoxide radical ( O•2 ) into hydrogen peroxide and
oxygen. The superoxide radical is highly reactive and can cause serious damage to
DNA and other cellular components, something which is prevented by the action
of the enzyme. Superoxide dismutase has an overall negative charge, which is
counterintuitive because the substrate is also negatively charged. But, as shown
in Figure 16.10, the negative electrostatic potential around most of the surface
of the enzyme reduces the number of unproductive collisions because the substrate moves away from these regions. The active sites of the enzyme are in regions
of positive electrostatic potential, and so the substrates are preferentially drawn
into these regions. This is known as electrostatic steering, and this feature allows
superoxide dismutase to catalyze the conversion of its substrate faster than the
diffusion limit.
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Figure 16.10 The enzyme
superoxide dismutase works
faster than the diffusion limit. The
substrate for superoxide dismutase
is the superoxide ion (red spheres),
which is negatively charged. The
electrostatic potential around the
protein is largely negative (the
red lines are contours of negative
electrostatic potential), but has
regions of positive electrostatic
potential (blue contours) leading into
the two active sites (the enzyme is
dimeric). This increases the number
of productive collisions between the
substrate and the enzyme because
the substrate is “steered” into the
active sites. (Adapted from A.R. Leach,
Molecular Modeling: Principles and
Applications, 2nd ed. Upper Saddle
River, NJ: Prentice Hall, 2001; based on
data in D.E. McRee et al. and
J.A. Tainer, J. Biol. Chem. 265:
14234–14241, 1990.)

active site

superoxide
dismutase

active site

16.6

In some cases the release of the product from the
enzyme affects the rate of the reaction

Given the discussion of substrate binding to the protein as a discrete step in the
Michaelis–Menten scheme, it is then natural to ask why product is directly released
after being produced rather than being bound to the enzyme and released subsequently in a second step. In real systems, the dissociation of the product is indeed
a separate step that is part of a complete description of the kinetics of the enzyme.
The effects of this additional step, or of other reversible reactions, can also be
added to the reaction scheme.
The following is a more complete reaction scheme for a simple enzyme-catalyzed
reaction with one substrate:
E+S

k1
k

E•S

1

k2
k

2

E•P

k3

E+P

(16.27)

As before, we can apply exactly the same idea of a steady state for [E], [E•S], and
[E•P], yielding a kinetic equation for the rate of formation of free product:
Vmax
v0 =
′ ⎞
⎛ KM
1+
⎜
(16.28)
⎝ [S] ⎟
⎠
where
Vmax =

k2 k3 [E]0
(k2 + k 1 + k3 )

and
′ =
KM

(k−1k2 + k−1k3 + k2 k3 )
k1 (k2 + k−2 + k3 )

In Equation 16.28, Vmax is the maximum velocity of the reaction and K M is a modified form of the Michaelis constant that includes terms involving the rate constant
for product release, k3. By comparing Equation 16.28 with the Michaelis–Menten
equation (Equation 16.17), we see that, even when we need to consider product
release, the same basic behavior appears in the overall reaction process. The difference is that, if product release is slow (that is, k3 cannot be ignored), then the
values of Vmax and K M depend on the rate constants in a different way than in the
original Michaelis–Menten equation.
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kinase

ADP

ATP

peptide

1000 sec–1

100 sec–1

chemical
step

product
release

phosphopeptide

Product dissociation, the step with rate constant k3, is often very rapid (that is, k3
is large relative to k–1, k2, and k–2) and, in this limit, as one would expect, these
equations return to the “simple” Michaelis–Menten form given previously. But,
there are other cases where the overall rate of the reaction is controlled by the
rate of release of products. One example of such a reaction is shown in Figure
16.11, which depicts peptide phosphorylation by a kinase enzyme (see Section
12.12 for a brief discussion of kinases). The chemical step, which is the transfer of
a phosphate group from ATP to the peptide, is fast when catalyzed by the enzyme
(the rate constant for this step is ~1000 sec–1). In Chapter 12 we mentioned that
the binding of ATP to the enzyme involves an induced fit and that the nucleotide
cannot enter or leave the enzyme without a conformational change in the protein
(see Figure 12.23). This makes the release of ADP very slow, and the overall rate of
the reaction is much slower than the rate of the catalytic step.
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Figure 16.11 A reaction for which
product release is slow. Shown here
is the reaction catalyzed by a kinase
enzyme, which transfers a phosphate
group from ATP to a peptide substrate.
The chemical step is fast, with a rate
constant of 1000 sec–1. Release of
products is 10-fold slower, and this
step dominates the overall rate of the
reaction. (Adapted from J. Lew,
S.S. Taylor, and J.A. Adams,
Biochemistry 36: 6717–6724, 1997.)

The specificity of enzymes arises from both the rate of
the chemical step and the value of KM

For many enzymes, there are several different alternative natural substrates. Proteases, for example, cut the peptide backbone of different target proteins. A particular protease will only work on peptides with certain kinds of residues at the
cleavage site and at nearby positions (Figure 16.12). Different peptides will have
different values of the catalytic efficiency, kcat/KM (or, equivalently, k2/KM if the
reaction follows simple Michaelis–Menten kinetics).
In Section 16.4, we explained that if the substrate concentration is low (that is,
if [S] >> KM), then kcat/KM is the rate constant for the reaction between enzyme
and substrate. That is, the rate of the reaction is directly proportional to kcat/KM

protease

peptide

kcat
: high
—
KM

cleaved
peptide

kcat
: medium
—
KM

kcat
: low
—
KM

Figure 16.12 Different substrates
are turned over with different rates
by the same enzyme. Shown here
is the action of a protease enzyme
on three different substrates. At low
substrate concentrations, the reaction
rate is proportional to the catalytic
efficiency, kcat/KM. The substrate
with the highest value of kcat/KM
is degraded most rapidly. The ratio
kcat/KM is also called the specificity
constant of the enzyme.
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Specificity constant
The catalytic efficiency of an
enzyme is the kcat/KM ratio. For
comparing reactions of different
substrates with the same enzyme,
the relative values of the catalytic
efficiencies for different substrates
predict the relative amounts of
different products formed. For this
reason, kcat/KM is also referred to
as the specificity constant.

(see Equation 16.22). For two different substrates, each present at the same low
concentration, the relative amounts of product formed will be determined by the
corresponding values of the kcat/KM ratio and, hence, in this context, this ratio is
also referred to as the specificity constant for the enzyme.
The rates of enzyme-catalyzed reactions vary tremendously, depending on the
chemistry and the role of the enzyme in the cell. We mentioned earlier, in Section 16.5, that superoxide dismutase is essential because it degrades the very reactive superoxide ion. To minimize the levels of the superoxide, this enzyme works
extremely fast, with a kcat/KM value approaching 109 M–1•sec–1. This rate constant
is only a factor of 10 lower than the rate constant for collisions between molecules,
without considering orientational effects (~1010 M–1•sec–1; see Section 15.25). As
explained above, superoxide dismutase is able to work so fast because the number
of unproductive encounters between enzyme and substrate molecules is minimized by electrostatic steering (see Figure 16.10).
On the other hand, there are reactions for which control and specificity are much
more important than speed. An example is the HIV protease (discussed further
in Section 16.9), which is needed to cleave the viral polyprotein into the active
individual components. This process requires precise cleavage at specific sites
without significant cutting at other sites. This is accomplished by specific interactions of the substrate protein with binding pockets on the enzyme, which are also
exploited for the binding of anti-HIV drugs (see Section 12.14). There are eight
sites on the enzyme that interact with the peptide substrate, each accommodating
one amino acid sidechain. These sites are designated P4, P3, P2, and P1 before the
cleavage site and P1 , P2 , P3 , and P4 after it.
Some of these sites have modest preference for particular amino acids. For example, the P4 site will accept 11 different residues with kcat/KM varying from 45 × 106
M–1•sec–1 for serine (in VSQNY*PIVQ, cleaved at the *) to 0.2 × 106 M–1•sec–1 for
leucine at the same site (Figure 16.13). One might expect the specificity of the protease to arise just from the binding (that is just from differences in KM), but in fact
kcat also varies by a factor of 100 among the amino acids for which cleavage occurs
at a reasonable rate. The P3 site is more tolerant of variation, with kcat/KM within a

substrate

HIV protease

Figure 16.13 The structure of the
HIV protease. The enzyme is a dimer,
and the two subunits are colored
differently. A peptide substrate bound
to the enzyme is shown in sticks.
The expanded view shows a serine
residue at the P4 site. The sidechain
of the serine is not enclosed in the
binding pocket, but if it is replaced by
residues that are too large, then steric
clashes occur and the value of kcat/KM
is reduced. (PDB code: 3D3T.)

P4 Ser
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factor of 10 for 17 amino acids. On the other hand, sites P2 and P1 are much more
restrictive. P1, for example, strongly prefers tyrosine or phenylalanine, with tryptophan reducing activity almost 10-fold, and leucine and methionine reducing it
20-fold. Sequences with other amino acids at this site are not cleaved. Thus, while
cutting is quite efficient at optimally recognized sequences, effects on both kcat
and KM reduce activity at other “incorrect” sites, giving the necessary specificity.
Protein kinases, which we discussed in Section 16.6, are regulatory enzymes that
are themselves regulated in activity, in part by interactions with other proteins
and in part by phosphorylation. Phosphorylation can be either autophosphorylation (that is, a particular kinase phosphorylating other enzyme molecules of the
same kind) or transphosphorylation (that is, being phosphorylated by another
different kinase). Uncontrolled (or improperly controlled) kinase signaling can
create serious unbalances in processes in cells, leading to serious diseases such
as cancer. Because of this, kinases are under tight control with specificity of activation being more important than the speed of the response. As such, many kinases
have relatively low catalytic efficiencies, with kcat/KM values of 103 to 104, a reduction of 100,000-fold from the diffusion-controlled rate.

16.8

Graphical analysis of enzyme kinetic data facilitates the
estimation of kinetic parameters

The Michaelis–Menten equation provides a basis for graphical analysis of the
kinetic data for an enzyme-catalyzed reaction. The observed dependence of v0 on
[S] can be fitted directly using a computer and least-squares approach to obtain
the values of Vmax and KM. However, in earlier days (that is, before computers
were routinely available for such fitting), the data analysis was usually done by
rearranging equations to give a linear form, for which fitting is easier and much
of the analysis can be done graphically. Even now, such linear graphs provide
a quick check that simple Michaelis–Menten behavior is being followed for the
reaction under study.
One type of graphical analysis uses a Lineweaver–Burk plot (Figure 16.14). Both
sides of the Michaelis–Menten equation (Equation 16.17) are inverted, giving:
1
1
K 1
=
+ M
v0 Vmax Vmax [S]

(16.29)

1
1
versus
gives a line with slope
v0
[S]
1
1
.
, a y-intercept of
, and an x-intercept of
Vmax
KM

According to Equation 16.29, a graph of
KM
Vmax

Lineweaver–Burk
A Lineweaver–Burk plot is a graph
of 1/ 0 vs. 1/[S]. If the enzyme obeys
Michaelis–Menten kinetics, then
this gives a straight line with slope
KM/Vmax and an intercept of 1/Vmax.

A practical advantage of this type of analysis is that one need not measure rates
at very high substrate concentrations in order to obtain the value of Vmax. Practical considerations, such as the finite solubility of substrate, can limit what can be
done experimentally in terms of measuring the rate of the reaction at very high
substrate concentrations.
Another graphical approach is the Eadie–Hofstee plot, in which the rearrangement of the Michaelis–Menten equation is slightly different (see Figure 16.14).
Multiplying both sides of the Michaelis–Menten equation by (1 + KM/[S]) gives:
v0 = K M
Thus, a graph of v0 versus
Vmax.

v0
+ Vmax
[S]

(16.30)

v0
gives a line with slope of –KM and a y-intercept of
[S]

The various ways of graphing enzyme kinetic data are shown in Figure 16.14.
The observation of a straight line in either the Lineweaver–Burk plot or the

Eadie–Hofstee
An Eadie–Hofstee plot is a
graph of 0 vs. 0/[S], which for
Michaelis–Menten kinetics gives a
straight line with slope –KM and an
intercept of Vmax.
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Lineweaver–Burk plot
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Figure 16.14 Different ways of
graphing enzyme kinetics data.
A standard graph of initial velocity,
v0, as a function of substrate
concentration is shown on the left.
On the right are two linearized graphs,
in the Lineweaver–Burk (top) and
Eadie–Hofstee (bottom) formats.
It is easier to extract the kinetic
parameters from the linearized forms.
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Eadie–Hofstee plot is verification that “simple” Michaelis–Menten behavior is
being followed. If the enzyme is oligomeric, then cooperative substrate-binding
behavior is often observed, giving more complicated kinetic behavior and curvature when data are plotted in these linearized forms (discussed further below).

Competitive inhibition
Competitive inhibition occurs when
the inhibiting compound can bind
reversibly to the active site of an
enzyme and block the binding of
substrate, but the compound itself
does not undergo a reaction.

B.

INHIBITORS AND MORE COMPLEX REACTION
SCHEMES

16.9

Competitive inhibitors block the active site of the
enzyme in a reversible way

There are both natural and man-made compounds that can act as inhibitors of
enzymes, as discussed in Chapter 12. Such molecules can act to prevent enzyme
catalysis in several different ways, and they are classified by how they interact with
the enzyme, as shown schematically in Figure 16.15. The most common, and perhaps easiest to understand, is competitive inhibition. In this case, the inhibitor,
I, binds to the enzyme in or near the active site in such a way that substrate cannot
bind when the inhibitor is bound—that is, the substrate and inhibitor compete
for the active site. The amount of enzyme available to bind to substrate is thereby
reduced in the presence of inhibitor and, as one expects intuitively, the rate of
product formation is reduced.
In competitive inhibition, the inhibitor does not undergo a chemical reaction on
the enzyme due to differences in chemical structure relative to substrate. In some
cases, the structure of the inhibitor may be rather similar to that of the substrate
and in other cases completely different.

INHIBITORS AND MORE COMPLEX REACTION SCHEMES
Figure 16.15 An enzyme can have its activity decreased by
binding inhibitors. A schematic of an enzyme is shown with the
active site and substrate at the top. In the lower panels, different
binding modes that can lead to inhibition of the enzyme are shown.
Many drugs that are important in health care act as inhibitors for
specific enzymes in the body. Some examples have been discussed
in Chapter 12 and others are presented in part B of this chapter.

Many natural inhibitors and drugs are competitive inhibitors of enzymes, and several examples of such inhibitors were discussed in Chapter 12. One such example
is the HIV protease inhibitor, atazanavir, shown in Figure 16.16. Another competitive inhibitor of HIV protease, saquinavir, was discussed in Chapter 12 (see Figure
12.19). As you can see from Figure 16.16, substrate and inhibitor bind at the same
site, competing for the enzyme. Although their binding sites overlap, the inhibitor and the substrate do not bind in precisely the same way because they do not
have the same structure (see also Figure 16.16A and 16.16B). This has unfortunate
consequences for therapy, because the HIV protease can acquire mutations that
allow it to still bind the substrate and function, but which block the binding of the
inhibitor. The positions of two such mutations are shown in Figure 16.16B. These
mutations increase the value of the inhibitor constant, KI (see Section 12.21) for
atazanavir such that the inhibitor is no longer effective at the concentrations used
in therapy. Such a mutant enzyme is said to be resistant to the drug.

(A)
+

E

competitive
I
reversible
noncompetitive
I
covalent
irreversible
noncompetitive
I

16.10 A competitive inhibitor does not affect the maximum
velocity of the reaction, Vmax, but it increases the
Michaelis constant, KM

I

k1
k2
⎯⎯
⎯
→ E•⋅ S ⎯→
E+S ←
⎯ E+P
⎯
k
−1

⎯⎯
⎯
→ E•⋅ I
E+I ←
⎯
k
k3

(16.31)

−3

The dissociation constant for the enzyme–inhibitor complex is denoted KI (see
Section 12.21) and is related to the rate constants and the equilibrium concentrations in the following way:
k
[E][I]
K I = −3 =
(16.32)
k3 [E•⋅ I]
The kinetic analysis proceeds exactly as before, with a steady-state assumption for
[E•S]. The expression for the total enzyme concentration, [E]0, now has one extra
term, which is the concentration of the enzyme–inhibitor complex:
[E]0 = [E] + [E•⋅ S]ss + [E•⋅ I]

(16.33)

Using Equation 16.6 for [E•S]ss and combining with Equation 16.33, we get the following expression for the concentration of the free enzyme:
[E] = [E]0 − [E•⋅ S] − [E•⋅ I] = [E]0 −

k1[E][S] [E][I]
−
k−1 + k2
KI

(16.34)

S

(B)

Because the resistance mutations have to preserve the ability of the protease to
bind to the substrate, these mutations tend to occur near regions of the drug that
do not overlap with atoms of the substrate, as shown in Figure 16.16C. Different
drugs that block the HIV protease have differences in their shapes and, because
of this, the mutations that confer resistance to these drugs are not the same. This
makes it hopeful that a combination of drugs might be effective at evading resistance.

The binding of the inhibitor is usually an equilibrium (reversible) process. To
quantitatively predict the effect of the inhibitor, I, we use the same basic Michaelis–Menten kinetic model, but add to it a reaction corresponding to binding of
inhibitor to the enzyme to form the inhibited complex, E•I:
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(A)

substrate

(B)

atazanavir

HIV protease

HIV protease

(C)
saquinavir

atazanavir

(Val 82, Ile 84)

(Val 82)

(Asp 30)

(Ile 50)
(Gly 48)
(Val 82, Ile 84)
distance from closest substrate atom
1.4–2.0 Å

< 1.4 Å
Figure 16.16 Competitive inhibition
of HIV protease. (A) Structure of
the substrate complex. (B) Structure
of the complex with a competitive
inhibitor, atazanavir, which is used
in HIV therapy. The sites of two
mutations that cause resistance to
atazanavir are shown as red spheres
(Ile 50 and Val 82). (C) The structures
of saquinavir and atazanavir. The
interaction of saquinavir with HIV
protease is shown in Figure 12.19.
The distances of atoms in the drug to
the nearest atoms in the substrate [in
the structure shown in (A)] are color
coded. Some of the residues in the
protease that confer resistance to the
drug when mutated are indicated in
parentheses, near the closest atom in
the drug. (C, adapted from N.M. King
et al. and C.A. Schiffer, Chem. Biol. 11:
1333–1338, 2004; PDB codes:
A, 3D3T; B, 2AQU.)

2.0–2.5 Å

2.5–3.0 Å

Rearranging this to solve for [E] then gives:
[E]0
[E] =
[S] [I]
1+
+
KM KI

(16.35)

The initial velocity of the reaction, v0, is given by:
v0 =

d[P] k1k2 [E][S] k2 [E][S]
=
=
dt
k 1 + k2
KM

(16.36)

Substituting the expression for [E] given by Equation 16.35 into Equation 16.36
and rearranging gives:
v0 =

k2 [E]0

Vmax
=
⎡ K M ⎛ [I] ⎞⎤ ⎛ K M* ⎞
1+
1+
1 + ⎟⎥ ⎜
⎢
⎟
⎜
⎣ [S] ⎝ K I ⎠⎦ ⎝ [S] ⎠

where
⎛ [I] ⎞
K M* = KM ⎜
1+
⎝ KI ⎟
⎠

(16.37)
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Figure 16.17 A Lineweaver–Burk
plot for an enzyme reaction in the
presence of a competitive inhibitor.
As shown in the schematic diagram
above the graph, the inhibitor and
the substrate compete for the same
site on the enzyme. As the substrate
concentration increases, the inhibitor
is displaced, and so the value of vmax is
unchanged by the inhibitor. Increasing
concentrations of inhibitor increase
the apparent value of KM, and so the
slope of the line increases.
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This describes the kinetic behavior in the presence of a competitive inhibitor, as
illustrated in Figure 16.17. At high substrate concentrations the rate of the reaction reaches a plateau value given by Vmax, and this maximal rate is the same as
for the uninhibited reaction. What has changed is the substrate concentration
required for half-maximal rate, which is given by the apparent Michaelis constant,
K M* . According to Equation 16.37, the value of K M* is greater than the value of KM,
and so more substrate is required to get to the half-maximal rate.
As must be the case, if [I] = 0 or KI is large (that is, if inhibitor binds very weakly),
then the enzyme will not have significant inhibitor bound and the equation
reduces to exactly the original Michaelis–Menten behavior described above. If
inhibitor is present and binds, then Michaelis–Menten behavior still applies, but
with a modified KM value (denoted K M* ). If [I] >> KI, then most of the enzyme is
occupied by inhibitor. K M* is then large and only at very high substrate concentration will the rate of the reaction go up to the uninhibited Vmax value. In the
race between substrate and inhibitor to get to an open active site, a large excess
of substrate can out-compete the inhibitor, even though the inhibitor may bind
more tightly.
In a Lineweaver–Burk analysis for a competitively inhibited enzyme, a straight
line will be observed for any given inhibitor concentration:
1
1
K* 1
=
+ M
(16.38)
v0 Vmax Vmax [S]
where
⎛ [I] ⎞
K M* = K M ⎜
1+
⎝ KI ⎟
⎠
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As the concentration of inhibitor is increased, the y-intercept (corresponding to
Vmax) remains the same, but the slope and x-intercept change, reflecting different
K M* values, as shown in Figure 16.17.

16.11 Reversible noncompetitive inhibitors decrease the
maximum velocity, Vmax, without affecting the
Michaelis constant, KM
Another type of inhibition involves inhibitors that bind to the enzyme away from
the active site, but somehow sabotage the enzyme mechanism. In the simplest
case, the presence of substrate does not affect the binding of the inhibitor, and
increasing the substrate concentration does not overcome the effect of the inhibitor. This kind of inhibition is called noncompetitive.

Noncompetitive inhibitor
A reversible noncompetitive
inhibitor is a compound whose
effects occur through binding to an
enzyme somewhere other than the
active site. Thus, a noncompetitive
inhibitor prevents the chemical
reaction from occurring, but
does not do so by competing
with substrate for the active
site. Reversible noncompetitive
inhibitors are allosteric inhibitors
(see the definition of allostery in
Section 14.3).

As an example, consider an enzyme that needs to close down around a substrate
in order to position key amino acids in the active site for catalysis. The inhibitor could then be a compound that binds and prevents closure, without actually
blocking the active site, as shown schematically in Figure 16.18A. An example of
such an inhibitor is shown in Figure 16.18B. This is a compound that inhibits a
protein kinase. The substrate may still bind to the active site (in this case, ATP is
bound), but it cannot undergo the reaction to make product.
In the case of noncompetitive inhibition, to write a kinetic scheme, we must consider two classes of enzyme molecules, those that do not have inhibitor bound
and hence are active, and those that do have inhibitor bound and are “dead.”
Those molecules with nothing bound are perfectly normal enzyme molecules that
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–1
1/[S] × 10 (M )
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Figure 16.18 Noncompetitive inhibition. (A) A
Lineweaver–Burk plot is shown for an enzyme reaction
in the presence of a reversible noncompetitive inhibitor.
As shown in the schematic diagram at the top, the
inhibitor binds at a site on the enzyme other than the
active site. Increasing concentrations of inhibitor reduce
the value of Vmax, but leave the value of KM unchanged.
(B) An example of a reversible noncompetitive inhibitor
bound to a protein kinase. The inhibitor binds near
the ATP substrate, which is visible to the right of the
inhibitor. The binding of the inhibitor and the substrate
need not be mutually exclusive, but when the inhibitor
is bound, the enzyme is inactive. Although the inhibitor
does not compete with ATP or peptide substrates (not
shown here) for their binding sites, it holds the kinase in
an inactive conformation. (PDB code: 1S9J.)
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have values of KM and k2 that are the same as if no inhibitor was present. The effective concentration of enzyme ([E]0), however, is reduced to (1 – fI)[E]0, where fI is
the fraction of molecules that have inhibitor bound. The value of fI is calculated as
a normal ligand binding equilibrium, as discussed in Section 12.2.
Noncompetitively inhibited enzymes will obey Michaelis–Menten behavior and
will have the same KM value as the uninhibited solution, but they will have a modified value of Vmax :
* = k (1 − f )[E]
Vmax
2
I
0

(16.39)

As more inhibitor is added, the value of Vmax will decrease, but KM will remain
unchanged. In this case, linear Lineweaver–Burk plots are again observed:
1
1
K 1
=
+ M
*
* [S]
(16.40)
v0 Vmax
Vmax
The slopes and y-intercepts of the lines change with the amount of inhibitor, while
the x-intercept remains fixed (Figure 16.18). The difference between this behavior
and what is observed for competitive inhibition makes them easy to distinguish
just by looking at the qualitative behavior of the plots for reaction rates with different amounts of inhibitor present, as you can see by comparing Figures 16.17
and 16.18.

16.12 Substrate-dependent noncompetitive inhibitors only
bind to the enzyme when the substrate is present
Within the class of noncompetitive inhibitors are compounds that bind only to
the enzyme–substrate complex, E•S, but when bound prevent formation of product, as shown in Figure 16.19. Such compounds are relatively rare, but do occur.
A specific example is shown in Figure 16.19B. This involves the enzyme catechol
O-methyl transferase, to which the substrate must bind before the inhibitor can
bind.
The kinetic behavior for such inhibitors is different from that seen for competitive
inhibition because the equilibrium between E and E•S depends on [S], and thus
binding of the inhibitor also depends on [S]. This behavior is called substratedependent noncompetitive inhibition. These inhibitors are sometimes called
“uncompetitive” inhibitors, but this term can be confusing and we shall not use it.
To predict the behavior in this case, the binding of the inhibitor is described as
an equilibrium analogous to the competitive case, but involving binding to E•S
rather than E (hence the substrate dependence):
3
⎯k⎯
⎯
→ E • S •I
E•S + I ←
⎯
k

(16.41)

−3

To calculate the kinetic behavior, the same principle is used as was applied to the
competitive inhibitor case. The concentration of free enzyme, [E], is calculated by
keeping track of all forms of the enzyme: [E]0 = [E] + [ES] + [E•S•I]. As the concentration of substrate increases, the amount of enzyme–substrate complex increases,
which binds the inhibitor. Hence, even at high substrate concentrations the rate of
the reaction is affected by changes in [S]. Going through a calculation such as that
which led to Equation 16.37 gives the following equation for the velocity of reaction in the presence of substrate:
v0 =

*
Vmax
K*
1+ M
[S]

where
* =
Vmax

and

Vmax
[I]
1+
KI

(16.42)

Substrate-dependent
noncompetitive inhibitor
A substrate-dependent
noncompetitive inhibitor is a
compound whose effects occur
through binding to an enzyme–
substrate complex, preventing
completion of the enzyme reaction
and release of the product.
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KM
[I]
1+
KI
Putting this in the Lineweaver–Burk format gives:
K M* =

1
1
K* 1
1 ⎛ [I] ⎞ K M 1
1 + ⎟+
=
+ M
=
⎜
*
* [S] V
v0 Vmax
Vmax
max ⎝ K I ⎠ Vmax [S]

(16.43)

From Equation 16.43 it is easy to see that the Lineweaver–Burk plot will still give
K
a straight line. In this case, the slope, M , will be the same for different inhibVmax
itor concentrations because it only depends on the properties of the uninhibited
enzyme. But, as the inhibitor concentration increases, both the x- and the y-intercepts will change, as shown in Figure 16.19.
Although it may not be possible to identify how an inhibitor will work from its structure alone, the descriptions above show that a systematic study of the kinetics of
the enzyme-catalyzed reaction in the presence of variable amounts of inhibitor can
be used to determine the mechanism of action. A comparison of the Lineweaver–
Burk plots that derive from the different inhibition mechanisms depicted in Figure
16.20 shows that the kinetic behavior for each case is distinct and is easily recognized by comparing the slopes and intercepts of the resulting lines.

16.13 Some noncompetitive inhibitors are linked irreversibly
to the enzyme
In Section 16.11 we saw that reversible noncompetitive inhibitors block the activty
of the enzyme in a way that cannot be overcome by the presence of a large amount
(A)

(B)
+

E

S

increasing
inhibitor

40

Mg2+
catechol O-Me transferase
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1/v0 (M–1
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I
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+

KM decreases
with inhibition
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Vmax decreases
with inhibition

0
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1/[S] × 10 (M )

1.0

Figure 16.19 Substrate-dependent
noncompetitive inhibition. (A) A Lineweaver–
Burk plot for an enzyme reaction in the presence
of a substrate-dependent noncompetitive
inhibitor. A schematic representation of the
action of the inhibitor is shown above the
graph. (B) An example of a substrate-dependent
noncompetitive reaction, involving the enzyme
catechol O-Me transferase. A substrate molecule,
S-adenosylmethionine, must bind to create the
site at which the inhibitor (upper left) then binds.
(PDB code: 1H1D.)
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Figure 16.20 Lineweaver–Burk plots are compared for the three inhibition mechanisms discussed.
(A) Competitive inhibition. (B) Noncompetitive inhibition. (C) Substrate-dependent noncompetitive inhibition.
The distinct changes with added inhibitor allow the mechanisms to be easily distinguished.

of substrate. A second class of noncompetitive inhibitors are those that bind at the
active site and react covalently with an amino acid in the active site. Such inhibitors are called irreversible inhibitors because they cannot dissociate and hence
their effect is to block substrate binding permanently.
The structure of thymidylate synthase (which makes thymidine from uridine by
the transfer of a methyl group) is shown in Figure 16.21, with a covalently attached
inhibitor bound to the active site. The inhibitor, 5-fluoro-uridine monophosphate
(5-F-UMP) is an analog of the substrate of the enzyme, uridine, and the inhibitor
works by taking advantage of the catalytic mechanism of the enzyme. The inhibitor lets the first steps of the reaction occur, which is the attack by the sidechain of
a cysteine residue from the enzyme at the C6 position of the uracil ring. But, the
reaction is prevented from proceeding to completion because a proton in uracil,
which normally needs to be abstracted, is replaced in the inhibitor by a fluorine.
The resulting adduct of the enzyme with substrate analog 5-F-uridine and methylene tetrahydrofolate bound can no longer react and be released (Figure 16.19B).
5-F-UMP inhibitor

methylene
tetrahydrofolate

substrate analog
inhibitor 5-F-UMP

Cys 146

thymidylate synthase

Irreversible inhibitors
A molecule that permanently
damages the ability of the enzyme
to catalyze reactions is called an
irreversible inhibitor. Such inhibitors
react covalently with the enzyme.

Figure 16.21 The structure

methylene
of thymidylate synthase
tetrahydrofolate (which makes thymidine

fluorine

covalent bond
to protein

from uridine by transfer of a
methyl group) is shown with
an irreversible (covalently
attached) inhibitor bound. This
inhibitor is “mechanism-based,”
letting the first steps of the
reaction occur (that is, attack of
a Cys from the enzyme at the C6
position of the uracil ring), but
then preventing completion of
the reaction because a proton
that needs to be abstracted
is replaced by a fluorine.
The resulting adduct of the
enzyme with substrate analog
5-F-uridine and methylene
tetrahydrofolate bound can
no longer be released, and the
enzyme is blocked permanently.
(PDB code: 1TSN.)
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Inhibitors such as 5-F-UMP are known as suicide substrates because they trigger
the catalytic cycle just as a substrate does, but then they are trapped in a dead-end
complex on the enzyme.

16.14 In a ping-pong mechanism the enzyme becomes
modified temporarily during the reaction
The Michaelis–Menten equation described in the first part of this chapter is
applicable when there is one substrate on which the enzyme acts. However,
many important biological reactions have two (or more) reactants. For example,
enzymes involved in the synthesis of biological polymers of any kind (such as
DNA polymerase, discussed in detail in Chapter 19) bind the growing polymer
and also the monomer that is to be added. Such reactions can take place in different ways. All of the basic ideas that have been developed so far apply also to
the kinetic schemes describing such reactions, but because of multiple steps, the
overall equations may become considerably more complicated.
One fairly common reaction scheme involves the transfer of a chemical group
(for example, a phosphate) from one molecule to another, using the enzyme as an
intermediate carrier of the group that is transferred. An example of this behavior
is found in bacterial histidine kinases. These histidine kinases are unrelated to
the protein kinases discussed earlier in this chapter (which phosphorylate serine,
threonine, or tyrosine residues). The role of histidine kinases in bacterial chemotaxis was described briefly in Section 14.4.
For the histidine kinases, one substrate, denoted A, is ATP, from which the terminal phosphate group is transferred to a histidine residue on the enzyme and
ADP is released. The kinase binds subsequently to a target protein, B (containing
a receiver domain), and transfers the phosphate to an aspartate residue in the
receiver domain, restoring the kinase to its original state. The phosphorylation of
the receiver domain causes a change in conformation that affects its interaction
with a target protein. Structures of the kinase CheA and receiver CheY involved in
chemotactic signaling are shown in Figure 16.22.
The phosphate transfer from substrate A (ATP) to substrate B (the receiver domain,
CheY) occurs in two distinct steps, with the overall process being referred to as a
“ping-pong” mechanism. Schematically, this corresponds to:
k1
k2
⎯⎯
⎯
→ E •⋅ A ⎯→
⎯ E−P + Q
E + A←
⎯
k
−1

k4
⎯⎯
⎯
→ E − P•⋅ B ⎯→
(16.44)
⎯ E + P−B
E−P + B ←
⎯
k−3
in which P is the fragment of substrate A that is transferred to B. Each of these
steps is a basic enzyme reaction such as those that we have already described, but
the two are coupled by the fact that the enzyme is the same and only the modified
enzyme can react with the second substrate B to make the final product, Figure
16.23.
k3

“Ping-pong” mechanism
A “ping-pong” mechanism is one
in which there are two distinct
steps required, the first of which
produces a modified enzyme.

We shall not derive or go through the kinetic equations for the ping-pong mechanism in detail. We simply note that when the substrate dependence of the rate is
analyzed in the Lineweaver–Burk approach, straight lines are obtained for a fixed
concentration of A while varying substrate B. Changing the concentration of A
moves the line vertically. This results in a set of parallel lines, 1/v0 versus 1/[B], for
different [A] values. By analyzing these data, one can obtain the kinetic parameters that describe the reaction.

16.15 For a reaction with multiple substrates, the order of
binding can be random or sequential
With enzymes that bind two substrates, there is also the issue of the order in which
substrates bind. For some enzymes the order of binding is random—that is, the
binding of one substrate does not significantly affect the binding of the other.
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In such a random order, sequential binding model, the kinetic equations must
include two “branches”:
+A E • A +B
E•A•B

E
+B

E•B

E+A–B

+A

(16.45)

The equation for the rate of product formation is complicated, but the ideas
behind it are essentially the same as have been discussed. The general form of
the rate equation is analogous to that for the Michaelis–Menten case, but the rate
depends on both substrate concentrations.
If one substrate is present at high concentration (relative to its KM value), then the
enzyme is essentially always bound to the high concentration substrate, and this
complex can be considered as the enzymatic unit. We will use this approach in
Chapter 19 when we analyze the DNA polymerase mechanism, which is shown
CheA
ATP histidine

C-terminal
domain:
ATP binding,
catalysis

N-terminal
domain:
contains
histidine that is
phosphorylated

middle domain:
binding to CheY
ATP
Asp 57
His 48

CheA C–terminal
ATP binding/catalytic domain

CheA
N–terminal domain

CheA
middle domain

CheY

Figure 16.22 The structure of CheA, a histidine kinase involved in bacterial chemotaxis. A schematic representation of intact
CheA is shown at the top. The structures of three domains of CheA are shown below. At the left is the C-terminal ATP binding/
catalytic domain (with ATP shown) that transfers the terminal phosphate from ATP to His 48 (sidechain shown, with an important
glutamate residue that is nearby) in the N-terminal domain (center panel). The target-binding domain of CheA (gray) in complex
with the target (CheY; light yellow) is shown at the right. CheY gets phosphorylated on Asp57 (sidechain shown, together with a
catalytically important lysine), and phospho-CheY binds to the flagellar motor to change its direction of rotation. (PDB codes: 1EAY,
1I5N, and 1I59.)
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ADP (Q)

phosphohistidine (P)

ATP
aspartate

histidine
CheY (B)

enzyme
E+A

E–P+Q

phosphorylated
aspartate
E+P–B
Figure 16.23 A ping-pong
mechanism. The reaction on CheA
with ATP and CheY is an example of
an enzyme reaction that proceeds
through a ping-pong mechanism. The
CheA protein is the enzyme (E), and
it first interacts with one substrate,
ATP (designated A). The terminal
phosphate group of ATP is transferred
to a histidine residue on the
N-terminal domain of CheA, forming
CheA-P (E–P) and ADP (Q). The second
substrate of the enzyme is the CheY
protein (B), which binds to the middle
domain of CheA. The phosphate group
is transferred to an aspartate
sidechain in the CheY protein,
resulting in E + P–B.

schematically in Figure 16.24. The polymerase has two substrates, nucleotide triphosphates and primed DNA. Either substrate can bind first to the enzyme, and
so the reaction scheme has two branches. Experimental analysis of the polymerization reaction is simplified by using high concentrations of nucleotide triphosphates. If this is done, then the empty enzyme is rarely present, and only one
branch of the reaction needs to be considered (shown boxed in Figure 16.24).
For other enzymes, the binding of two substrates may be strongly coupled—that
is, the binding of the first substrate can greatly enhance the binding of a second.
This can happen either through direct interactions of the substrate or through a
conformational change in the enzyme that is induced by the first substrate binding (an allosteric effect). This results in an ordered binding mechanism:
E+A

k1
k

1

E• A +B

k2
k

2

E• A •B

k3

E+P

(16.46)

In this case, the effective KM for the enzyme with respect to substrate B will have
contributions from binding to both A and B, while the catalytic step and limiting
rate at high concentrations of both substrates will be equivalent to that in the simpler mechanism—that is, Vmax = k3[E]0. If [A] is high, then the first step will be fast,
B binding to E•A will become the limiting step, and Michaelis–Menten behavior
will again be followed.

16.16 Enzymes with multiple binding sites can display
allosteric (cooperative) behavior
For oligomeric proteins, the binding of ligand to the individual subunits can be
cooperative—that is, the binding of one ligand affects the conformation of the
oligomer—thereby affecting the affinity of subsequent ligands that bind. A good
example of positive cooperativity in binding is provided by oxygen binding to
hemoglobin, which was discussed in Chapter 14.
The binding of substrate to an enzyme, before the chemical transformation
occurs, is a process that is equivalent to ligand binding to a receptor. And so, just
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Figure 16.24 A reaction with two
substrates that bind in random
order. The reaction catalyzed by DNA
polymerase is shown schematically.
Either nucleotide triphosphate or
primed DNA can bind to the enzyme
first, followed by the other substrate.
If the reaction is carried out in the
presence of high concentrations of
nucleotide triphosphates, then only
one branch of the reaction needs
to be considered (shown within the
box), which simplifies the analysis.
The kinetic analysis of this reaction is
discussed in Chapter 19.

E

as ligand binding to a multimeric receptor can be cooperative, substrate binding can be cooperative if the enzyme has more than one binding site. Since the
amount of substrate bound affects the rate of appearance of product, cooperativity in substrate binding is reflected in the rate versus substrate concentration
profile of the enzyme, which is nonhyperbolic for an allosteric enzyme. Nature
exploits this behavior to regulate the activity of the enzyme as conditions in the
cell change (for example, the concentrations of metabolites). The activity of an
enzyme might increase, for example, as its substrate becomes more abundant in
the cell. Enzymes can also be affected allosterically by the products of the reaction, as well as by molecules that are structurally unrelated to either substrate or
product.
Since cooperativity in binding has already been discussed extensively in Chapter
14, here we will just present one example that demonstrates several important
features of allosteric enzymes. The enzyme we will consider is aspartate transcarbamylase (ATCase) from E. coli, which carries out a reaction early in the pathway for pyrimidine biosynthesis. The enzyme catalyzes the transfer of a carbamyl
group from carbamylphosphate to aspartate, giving carbamylaspartate and phosphate, as shown in Figure 16.25. The product is subsequently cyclized and elaborated to generate pyrimidine nucleotides that are used in the synthesis of nucleic
acids. To keep a proper balance between pyrimidine and purine bases, the activity of ATCase is increased by ATP but decreased by CTP (cytidine triphosphate).
When the ratio of the concentrations of ATP and CTP moves from its “set point,”
the activity of ATCase is altered in the direction to reestablish it.
E. coli ATCase contains two types of protein subunits, one that is responsible for
catalysis and the other for regulation (Figure 16.26). The ATCase assembly contains six regulatory subunits and six catalytic subunits—a multisubunit enzyme
such as ATCase is known as a holoenzyme when fully assembled. The catalytic

Allosteric enzyme
An allosteric enzyme is one in
which the activity of a catalytic
center is altered by the binding
of molecules at sites other than
this catalytic center. Multimeric
allosteric enzymes can exhibit
cooperativity—that is, the binding
of substrate to one active site
increases the activity of another
active site in the assembly.
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Figure 16.25 The reaction catalyzed
by aspartate transcarbamylase
(ATCase). (A) The chemistry of
the aspartate transcarbamylase
reaction is shown, with substrates
carbamylphosphate and aspartate
being converted to phosphate and
carbamylaspartate. (B) The bisubstrate analog (mimicking both
carbamylphosphate and aspartate)
PALA is a good inhibitor of ATCase.
(C) Carbamylaspartate is shown in a
conformation that indicates how it will
be cyclized to give the heterocyclic
ring of the pyrimidine bases.
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subunits alone form trimers, while the regulatory subunits form dimers. In the
intact holoenzyme, two of the catalytic trimers are bridged by three regulatory
dimers. The catalytic sites are formed by the interfaces between the catalytic subunits, while the nucleotide binding sites are in the regulatory subunits, far from
the active sites.
When the velocity of the reaction catalyzed by ATCase is measured as a function of
the concentration of aspartate, at fixed carbamylphosphate concentration, results
such as shown in Figure 16.27 are obtained. The sigmoid curvature (introduced
in Chapter 14) is inconsistent with a simple Michaelis–Menten mechanism and, if
Figure 16.26 Structure of
the enzyme ATCase.
(A, B) Two orthogonal
views of the holoenzyme,
which is comprised of
two catalytic trimers and
three regulator dimers.
The allosteric effector
CTP is shown bound
at the periphery of the
regulatory domain. The
structures shown here
are of the inactive T state.
(C) Schematic drawing of
the allosteric transition
in ATCase. The inactive
T-state structure is shown
at the top and corresponds
to the structure shown
in (A) and (B). The active
R-state structure is
shown at the bottom.
The allosteric transition
involves rotations of the
subunits with respect to
each other, as indicated in
the diagrams on the right.
(C, adapted from B. Alberts
et al., Molecular Biology of
the Cell, 5th ed. New York:
Garland Science, 2008;
PDB code: 1RAA.)
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PROTEIN ENZYMES

The sigmoidal shape observed is exactly what was described in Chapter 14 for
cooperative binding of oxygen to hemoglobin, except that here it is the rate of
reaction that is being monitored rather than a direct measurement of occupancy
of the binding site. Since the measurement is activity rather than substrate binding, it is possible that the cooperativity arises through some modification in the
rate of the catalytic step, rather than from cooperativity in substrate binding. Equilibrium binding studies with the bi-substrate analog inhibitor PALA (which binds
both parts of the active site, thus preventing substrates from binding, but which
cannot itself react; Figure 16.25B) showed cooperative binding with the same
characteristics as the substrates, indicating that the cooperativity in velocity does
indeed arise through cooperative substrate binding.
As for oxygen binding to hemoglobin, binding of substrate to ATCase induces a
conformational change from a “tense” (T) to a “relaxed” (R) conformation, with
the R conformation being the active one (Figure 16.26C). The first substrate molecule binding to the enzyme does not bind tightly because part of the binding
energy goes into driving the conformational change that affects all active sites in
the molecule. Subsequent substrates bind more tightly at other active sites that
already have the high-affinity conformation.

16.17 Product inhibition is a mechanism for regulating
metabolite levels in cells
The metabolic pathway for the synthesis of pyrimidines is shown in Figure 16.28.
The cooperative binding of substrate molecules to an enzyme, such as ATCase,
enhances the reaction rate when the substrates are not at a high enough concentration to saturate the enzyme. However, if the end products of the pyrimidine
biosynthetic pathway (for example, CTP) build up, it indicates that more pyrimidines are being produced than used and that the flux into that pathway can be
reduced. This is accomplished by the binding of CTP to the regulatory subunit of
ATCase, which increases the free-energy difference between the T and R conformations. This makes the free energy of substrate binding less favorable, making it
more difficult for substrate to shift the conformation into the high-affinity state for
subsequent molecules to bind, thereby lowering the rate of reaction and decreasing the flux of molecules through most of the pathway.
On the other hand, if ATP is more abundant than the pyrimidine nucleotides, then
the flux through the pyrimidine path should be increased to balance the nucleotide pool. Initially it was thought that ATP binding had an analogous effect to
CTP, but in the opposite sense—that is, decreasing the free energy between the
tense and relaxed conformations and, hence, enhancing substrate binding. Both
nucleotides bind to the regulatory domain, far from the active site, making this
seem plausible. However, recent studies indicate that ATP affects the reaction in
a different manner that is not yet completely understood, perhaps affecting the
range of structural fluctuations in the enzyme.

C.

PROTEIN ENZYMES

There is a vast diversity of protein enzymes in nature that have evolved to catalyze
many different kinds of processes. In this part of the chapter we review some of
the most important aspects of the mechanisms of enzyme catalysis, focusing on
proteins (RNA enzymes are described in the last part of this chapter). The discussion here is brief and far from complete. We discuss three principal mechanisms
for rate acceleration by enzymes: transition state stabilization, acid–base catalysis, and co-localization. We do not cover many fascinating topics, such as the role

8

velocity

the data are plotted in the Lineweaver–Burk format, a curve rather than a straight
line is found. Analogous measurements made by varying the concentration of carbamylphosphate while keeping the aspartate concentration fixed show the same
behavior.
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Figure 16.27 The velocity of the
reaction catalyzed by ATCase as a
function of aspartate concentration
for a fixed concentration of
carbamylphosphate. The velocity
shows a sigmoid dependence on the
substrate concentration. The allosteric
effector ATP enhances the activity
of the enzyme, while CTP reduces it
relative to no nucleotide. The effects
of substrates and nucleotides serve
to regulate the activity of ATCase in
cells. (Adapted from J.O. Newell,
D.W. Markby, and H.K. Schachman,
J. Biol. Chem. 264: 2476–2481, 1989.
With permission from the American
Society for Biochemistry and
Molecular Biology.)
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Figure 16.28 The pathway for
pyrimidine biosynthesis is shown,
in which the reaction catalyzed by
ATCase is the second step. The end
product of the pathway binds to and
inhibits (noncompetitively) the activity
of ATCase. UTP alone does not inhibit,
but it does enhance the inhibition
of CTP.
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of dynamics in enzyme catalysis and the ability of enzymes to alter the chemical
mechanisms by which the catalyzed reactions occur. We end this part of the chapter by discussing the mechanisms of a few specific enzymes.

16.18 Enzymes can accelerate reactions by large amounts
Enzymes do not just increase the rates of reaction, they also limit which molecules
are converted into products. The balance between rate acceleration and specificity varies greatly for different enzymes. For some enzymes, particularly those that
catalyze chemically difficult reactions, the ability to enhance the rate may completely dominate specificity in the evolution of function. For other enzymes, particularly those involved in regulation, the actual reaction rate is much less critical
than the specificity for the correct substrate.
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As we discussed in Section 16.7, the catalytic efficiency (kcat/KM) is a useful parameter because it brings in both the rate of the reaction and the ability of the enzyme
to recruit substrate when it is present at low concentration. Another measure of
the catalytic power of an enzyme is to consider the rate acceleration provided by
the enzyme relative to the rate of the equivalent uncatalyzed reaction. There are
many reactions for which enzymes provide tremendous rate enhancements. For
example, the hydrolysis of a peptide bond by water occurs more than 1010 times
faster in the active site of a protease than in water alone. Other reactions are accelerated by even larger factors. An enzyme called staphylococcal nuclease, which
cleaves nucleotides, is estimated to speed up the reaction so that it occurs >1015fold faster than the reaction in water alone (Figure 16.29).
How do enzymes generate such tremendous rate enhancements? The fundamental ideas were presented in Chapter 15 for catalysts in general: lower the activation
energy, increase the preexponential factor, or change the reaction mechanism.
Enzymes use all of these approaches, often exploiting the chemistry of bound
cofactors to help. In fact, there are often so many factors contributing to rate acceleration that is it quite difficult to partition them and evaluate the contributions
from each. In the following sections we give a brief discussion of major mechanisms by which enzymes catalyze reactions.

16.19 Transition state stabilization is a major contributor to
rate enhancement by enzymes
Since the rate constant for a reaction depends exponentially on the activation
energy, EA, even a modest decrease in EA can lead to a substantial acceleration
in the rate of product formation. As shown schematically in Figure 16.30, in an
enzyme-catalyzed reaction, the rate-limiting step is usually the conversion of the
enzyme–substrate complex to enzyme–product complex. This chemical transformation is rate limiting because of the high energy associated with the transition state, due to changes in geometry of the substrate during the reaction, often
accompanied by changes in the distribution of charge in the molecule.
A good way to think about enzyme active sites and catalysis is the principle that
optimum interaction occurs when the active site is complementary to the transition state in its properties. This includes matching the geometry of the active site to
the transition state rather than to substrate or product, introducing charges (or partial charges) that make favorable electrostatic interactions with the transition state
(particularly with atoms that change charge as the transition state is approached),
and making hydrogen bonds that are optimized in the transition state.

Figure 16.29 The acceleration of
a reaction by an enzyme. (A) The
uncatalyzed cleavage of a nucleotide.
(B) Cleavage of a nucleotide at
the active site of the enzyme
staphylococcus nuclease. In the
expanded view an essential Ca2+ ion is
shown (green sphere), as are several
sidechains of the protein. Only the
phosphate group at the cleavage site
in the substrate is shown, with the
rest of the substrate indicated by R.
The red arrow indicates the movement
of electrons. (Adapted from
E.H. Serpersu, D. Shortle, and
A.S. Mildvan, Biochemistry 26: 1289–
1300, 1987. With permission from the
American Chemical Society; PDB
code: 2SNS.)
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Figure 16.30 An energy diagram for
an enzyme reaction is shown. The
blue line reflects a change that leads
to stabilization of the transition state,
which lowers the activation energy.

transition state
‡

energy

EA

EAcat

The principle of transition state stabilization by enzymes is illustrated by considering the hydrolysis of ATP by the motor protein myosin (the use of ATP by motor
proteins is discussed in Section 9.15). We briefly discussed the transition state for
ATP hydrolysis in Chapter 15 (see Figure 15.34), and this is illustrated again in
Figure 16.31A for the hydrolysis of ATP in water. Note that the reaction involves
the attack of a hydroxide ion, generated from a water molecule on the terminal
phosphate of ATP, leading to the formation of a transition state in which the terminal phosphate atom is bonded to five oxygen atoms instead of the normal four
(see Figure 16.31A). Myosin binds to ATP at its active site and promotes the formation of the pentavalent phosphate structure that characterizes the transition state.
The structure of the transition state complex of myosin and ATP is shown in Figure
16.31B. Once ATP binds to myosin, the formation of the transition state is facilitated by the fact that the enzyme is poised to make additional interactions with
the pentavalent phosphate intermediate, as shown in Figure 16.31C. This assures
an optimal interaction with the transition state, lowering its energy. Remember,
however, that the transition state is still at a local maximum in free energy, so in
spite of favorable interactions with the enzyme, the reaction still proceeds forward, downhill in free energy, to product.
The concept that the complementarity of enzyme and transition state lowers the
free energy of the transition state is a very general one. The stabilization of the
transition state by the enzyme virtually always contributes to enzyme catalysis,
as will be seen in the examples in this chapter. Among the contributions to transition state stabilization, electrostatic effects are often particularly important. As
discussed in Chapter 6, electrostatic interactions tend to be larger in magnitude
Figure 16.31 Hydrolysis of ATP by myosin (right). (A) The
mechanism of ATP hydrolysis in water. The transition state involves
a pentavalent phosphate group that is formed after the terminal
phosphate group of ATP is attacked by a water molecule. (B) The
structure of the myosin–transition state complex. An ATP molecule
with a pentavalent terminal group is shown at the active site of
the enzyme. The actual transition state is unstable and, in order to
obtain this structure, a complex of ADP with vanadate is used (the
vanadium atom is shown in gray). This mimics the true transition
state. (C) Schematic diagram showing the interactions made
between myosin and the substrate (left) and the transition state
(right). In the transition state, the oxygen atom of the water molecule
labeled W1 makes a fifth bond to the phosphate atom of the terminal
phosphate group of ATP. (C, adapted from H. Onishi et al. and
M.F. Morales, Proc. Natl. Acad. Sci. USA 99: 15339–15344, 2002.
With permission from the National Academy of Sciences;
PDB code: 1VOM.)
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and longer range than most other interactions. This, together with the fact that
many reactions cause changes in charge distribution in the substrate and/or
enzyme during the reaction, explains the importance of electrostatics in catalysis.
Although transition state stabilization is often the dominant contributor to catalysis, it is not always the most important factor.

16.20 Enzymes can act as acids or bases to enhance reaction
rates
The hydrolysis of sucrose in water to give fructose and glucose was discussed in
Section 15.24, and it was noted that the rate is pH-dependent, although hydrogen
ions are neither consumed nor created during the overall reaction. The kinetics fit
a model in which there is an equilibrium protonation of the oxygen bridging the
two sugars, a process that creates a good leaving group and thereby facilitates the
reaction.
Organisms cannot change the pH in the whole cell to accelerate a particular reaction. The way they get around this limitation is to use enzymes that can accomplish the same effect by exploiting residues in the active site that can act as general
acids or bases. The important residues are generally ones that can undergo titrations in the normally accessible pH range, including Asp, Glu, His, Cys, Lys, sometimes the backbone N-terminal amine or C-terminal carboxylate, and on rare
occasions, Tyr. Such resides can either donate (acting as an acid) or accept (acting
as a base) hydrogen ions, depending on their initial state.
There are often several of these residues in the active sites of enzymes, creating an
environment that can strongly shift the pKa value of the titrating group, priming it
to act as an acid or a base during the reaction. Having a region of negative charge
near an Asp or Glu sidechain will shift its pKa value from the normal value of
about 4 up to 7 or more, so that it is ready to donate a proton. Similarly, a region of
positive charge adjacent to a histidine will favor the neutral (unprotonated) form
of that sidechain, holding it ready to accept a proton during a reaction. The degree
of solvation of a sidechain by water can also affect its pKa value. Ionic forms are
generally greatly stabilized by interactions with water, so the uncharged forms are
favored in nonpolar environments. Once a reaction is completed and product is
released, the acidic or basic residues in the enzyme reset to their original protonation state, ready to act again when the next substrate molecule binds.
These ideas are illustrated by the mechanism of ribonuclease-A, the enzyme used
by Anfinsen to establish the spontaneous nature of protein folding (see Section
5.2). The structure of ribonuclease-A is shown in Figure 16.32. Like staphylococcus nuclease, which was discussed in Section 16.18 (see Figure 16.29), ribonuclease-A catalyzes the cleavage of ribonucleotides. Unlike staphylococcus nuclease,
which uses a metal ion to activate a water molecule, ribonuclease-A uses two histidine residues (His 12 and His 119) for acid–base catalysis. First, as shown in Figure 16.32B, His 12 accepts a proton from the 2 -OH group of one nucleotide. The
oxygen atom of the 2 group attacks the phosphate group, leading to the formation
of a cyclic phosphate intermediate and the transfer of a proton from His 119 to the
leaving nucleotide. The reaction is completed in a second step in which the cyclic
phosphate intermediate is cleaved by water to generate the product. The reaction
is facilitated by the presence of Asp 121, which interacts with His 119 and stabilizes the protonated state of this histidine (see Figure 16.32A).
Measuring the rate of a reaction as a function of pH can provide evidence for the
presence of titratable groups and, therefore, acid–base contributions to catalysis.
It is usually the case that there is an optimal pH for the reaction, at which the rate
is the highest. This is shown for lysozyme in Figure 16.33. In lysozyme there are
two acidic residues involved in catalysis, Asp 35 and Asp 52, as shown in Figure
16.34. One of these has a normal pKa value of 3.9, but the pKa value of the other is
shifted up to ~6.5. The optimum activity occurs when the normal one (Asp 52) is
deprotonated, but the shifted one is protonated (Asp 35; see Figure 16.34). At low
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Figure 16.32 The mechanism
of ribonuclease-A. (A) The
structure of the enzyme, with the
reaction products (two cleaved
nucleotides) shown in sticks.
Three residues that are important
for catalysis (His 12, His 119,
and Asp 121) are shown in the
magnified view. (B) The reaction
mechanism of ribonuclease. His
12 accepts a proton from the
2’-OH group of a nucleotide,
resulting in cyclization of the
phosphate group and the transfer
of a proton from His 119 to the
leaving group. The reaction is
completed in a second step (not
shown), which proceeds just like
this one except that water plays
the role of the 2’-OH group.
(B, adapted from D. Herschlag,
J. Am. Chem. Soc. 116: 11631–
11635, 1994. With permission
from the American Chemical
Society; PDB code: 3DXG.)
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pH, both become protonated and, at high pH, both are deprotonated, and so the
activity is reduced at both low and high pH.
In discussions of catalysis, these effects are often referred to as “general acid–base
catalysis.” This term emphasizes the fact that often while the acid–base chemistry
involves the transfer of a proton, there are cases in which the concept of a Lewis
acid (which can accept a pair of electrons) or a Lewis base (which can donate a
pair of electrons) is more relevant.
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Figure 16.33 The rate of hydrolysis
of a substrate by the enzyme
lysozyme. (Adapted from
S.K. Banerjee and J.A. Rupley, J. Biol.
Chem. 250: 8267–8274, 1975. With
permission from the American Society
for Biochemistry and Molecular
Biology.)
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Figure 16.34 Acid–base catalysis in the mechanism
of lysozyme. (A) Structure of lysozyme, showing the
active site in an expanded view. The two acidic residues
that are critical for catalysis are shown. Lysozyme is
bound to a hexasaccharide, the structure of which
is shown in Figure 16.1. (B) The mechanism of the
cleavage reaction. Glu 35 has a pKa value of ~6.5 and
can act as a “general acid” to protonate the bridging
oxygen at the site to be cleaved. Asp 52 has a normal
pKa of ~4, and its charge stabilizes the protonated
sugar. These two residues explain the pH–activity profile
shown in Figure 16.33. (PDB code: 1SFB.)
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16.21 Proximity effects are important for many reactions
The interaction of an enzyme with substrate (that is holding substrate in proximity to active-site residues) is essential for the enzyme to effect catalysis. However,
the term “proximity effect” is often used in the broader sense of bringing together
two substrate molecules to react or to organize a substrate into a specific conformation that is optimal for an intramolecular reaction. Enzymes accomplish this
by using the favorable free energy of binding to “pay” for the loss of translational
and rotational freedom that occurs upon binding of one or more substrates to the
enzyme. Proximity effects are basically entropic in origin, in contrast to the lowering of activation energy, which is enthalpic.
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In Chapter 14, we discussed how the colocalization of proteins provides a considerable free-energy drive for the formation of molecular complexes (see Section
14.22). Colocalization is also a very important factor in enzyme catalysis, as indicated schematically in Figure 16.35. A specific example is shown in Figure 16.36,
which illustrates the role of a DNA polymerase enzyme in adding nucleotides to
primed DNA (see Section 1.16 for an introduction to the basic mechanism of DNA
replication, which is discussed in detail in Chapter 19). While the overall reaction
catalyzed by DNA polymerases is favorable in free energy, there are significant
free-energy barriers that make the spontaneous condensation of nucleotides on
to the primer DNA strand highly unlikely.
Electrostatic effects are one barrier to the spontaneous incorporation of new
nucleotides into a growing DNA chain—the negative charge on the phosphates
in the DNA’s sugar–phosphate backbone will repel incoming nucleotides, which
are also negatively charged (see Figure 16.36). Even if a nucleotide were to arrive
in the vicinity of its target, the reaction can only proceed if stringent geometric
requirements are met: the attacking 3 -hydroxyl group on the terminal nucleotide
of the primer DNA must be positioned appropriately for nucleophilic attack on
the α phosphate of the incoming nucleotide triphosphate. The need for spatial
colocalization thus imposes a significant entropic barrier to the reaction. One
function of the catalytic center in a DNA polymerase is to provide residues that
stabilize and correctly steer the incoming nucleotide so as to facilitate the completion of each condensation step in the synthesis reaction. The mechanisms
underlying this process are discussed in detail in Chapter 19.
One useful way to think about how much the binding of substrate to an enzyme
affects a bimolecular reaction is to define an “effective concentration.” This is the
concentration in free solution that would be required to reach the same reaction
rate as occurs on the enzyme after correcting for the change in activation energy.
The effective concentrations of substrates and functional groups on the enzyme
can be enormous, far above what is physically realistic (that is, molar concentrations beyond what the pure liquid substrate would be). To understand this, refer
to Section 14.22, where we explained that if the concentration of interacting molecules is increased 1000-fold, then the free-energy drive for complex formation
increases by ~35 kJ•mol–1. You can work out that if the free energy of the transition state for a reaction is lowered by 35 kJ•mol–1, then the reaction will proceed
about a million times faster, at room temperature. This is comparable to the rate
enhancement provided by many enzymes, and in order to achieve this without
the enzyme the reactants would have to be present at concentrations that are
1000-fold higher than normal.
The control of relative orientation may also be important for controlling the stereochemical outcome of a reaction. For some types of substrate, there is the possibility of a reaction occurring from the “top” or the “bottom” (for example, addition
across a double bond), as shown in Figure 16.37. For nonchiral substrates, symmetry requires that the rates of the reaction for the two possibilities be the same.
On enzymes, however, which are always chiral, the binding sites for substrates
will position them in one relative orientation only. Even if the reaction were not
accelerated, this could change the racemic mixture of two chiral products from
the solution reaction into one specific enantiomer for the enzyme product.
nucleotide
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primed DNA

positive potential
due to metal ions
and protein charges
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Figure 16.35 A proximity effect for
an enzyme can be as simple as
holding together two substrates
so that they can react rapidly to
form a product. In this schematic,
the reaction that is catalyzed is the
joining of two molecules to make
one larger one, which occurs in many
contexts, such as the synthesis of
polysaccharides or DNA.

Figure 16.36 The DNA
polymerization reaction. Nucleotide
triphosphates are repelled from DNA
because they are negatively charged.
A DNA polymerase enzyme binds to
primed DNA and provides a favorable
electrostatic environment for the
binding of the nucleotide triphosphate.

reaction catalyzed
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16.22 The serine proteases are a large family of enzymes that
contain a conserved Ser-His-Asp catalytic triad
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The serine proteases form a large class of enzymes that break amide bonds
between amino acid residues in polypeptides, producing two separate peptides
by adding water across the bond. Cleavage of the polypeptide backbone can be
part of a regulatory mechanism, inactivating the target protein by causing it to
unfold, or activating it by removing an inhibitory pro-enzyme fragment. Proteolysis is also part of the machinery in cells that recycles components (in this case, the
amino acids).
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The mechanism by which peptide bonds are cleaved in water is shown in Figure
16.38. The free-energy change for the reaction is small but favorable under usual
conditions in cells. The rate of cleavage of peptide bonds in pure water is very
slow, due to a large activation energy and a low concentration of the required
hydroxyl attacking group (see Figure 16.38A). The cleavage in water is also rather
nonspecific, and peptide bonds between different pairs of amino acid residues
are generally cleaved by water at a fairly similar rate.
The enzymes in the serine protease family accelerate the reaction by lowering
the activation energy and by creating a high local concentration of an activated
attacking nucleophile, and they also provide specificity for the amide bonds they
cleave by selectively binding specific peptide sequences in a specific register. In
order to accelerate the chemical steps, the enzymes replace the single-step direct
cleavage that occurs in water by a two-step mechanism of the ping-pong type,
which is described in detail in the next sections.
Trypsin is a much-studied member of the serine protease family, which has in its
active site a “catalytic triad” of amino acids—namely, a serine, a histidine, and an
aspartate—that are completely conserved in this family (Figure 16.39). These are
arranged such that the serine (Ser 195 in bovine trypsin, shown in Figure 16.39)
is at the edge of a groove on the surface of the enzyme that can interact with a
substrate polypeptide. The hydroxyl group of the serine sidechain is hydrogenbonded to the histidine (His 57 in trypsin), which hydrogen-bonds, in turn, to the
aspartate (Asp 102 in trypsin) (see Figure 16.39).

16.23 Sidechain recognition positions the catalytic triad next
to the peptide bond that is cleaved
The serine residue of the catalytic triad is positioned right next to the carbonyl
group of the peptide bond that will be cleaved, as shown in Figure 16.39. As we
shall see, the hydroxyl group of the serine residue plays a role analogous to that of
the hydroxide ion in the uncatalyzed reaction. How does the serine “know” where
it is to be positioned relative to the substrate? It turns out that the serine proteases
recognize the sidechain of the residue that is at the N-terminal end of the bond
that is being cleaved (that is, at the P1 position, as shown in Figure 16.39). This
positions the site of cleavage precisely next to the serine residue of the catalytic
triad.
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Figure 16.38 Peptide bond cleavage in water. A hydroxide ion attacks the carbonyl group of a peptide bond and forms an
oxyanion transition state, with a negatively charged oxygen. This rearranges to yield the two product peptides. The uncatalyzed
reaction is very slow because of the low concentration of hydroxide ions in water.
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Figure 16.39 The structure of
trypsin. The surface of trypsin is
shown, with a portion of a substrate
bound to it. The expanded view
shows the active site region with
the peptide substrate. The gray
dots indicate the N- and C-terminal
extensions of the peptide chain of
the substrate. The three residues of
the catalytic triad (Asp 102, His 57,
and Ser 195) are shown. The residues
that flank the peptide bond to be
cleaved are denoted P1 and P1’, and
the nomenclature used to identify
the other residues in the peptide is
indicated. The “substrate” shown in
this structure is actually an inhibitor
known as bovine pancreatic trypsin
inhibitor (BPTI). Although it is actually a
substrate, it binds to trypsin so tightly
that it is not released rapidly, and in
this way inhibits the enzyme. (PDB
code: 3FP6.)
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The precision with which the substrate is positioned on the enzyme can be appreciated by looking at the structure of a protein known as bovine pancreatic trypsin
inhibitor (BPTI) bound to trypsin (Figure 16.40). BPTI is actually a substrate
of trypsin, but it turns out that it binds too tightly to be released rapidly. This
slows the cleavage reaction drastically, and BPTI is effectively an inhibitor rather
than a substrate. The dissociation constant for BPTI binding to trypsin is about
5 × 10–14 M, making this one of the tightest protein–protein interactions known.

P1
Lys

Asp 189
(trypsin)

trypsin

catalytic
triad

Asp
189

substrate

Serine proteases are enzymes that
cleave peptide bonds. The catalytic
center of these enzymes contains a
catalytic triad: a serine, a histidine,
and an aspartic acid. The hydroxyl
group of the serine sidechain
attacks the peptide bond that is to
be cleaved.

P1
Lys
cleavage
site

Asp
102

P1
Lys

Figure 16.40 The structure of trypsin in complex with the protein bovine pancreatic trypsin inhibitor (BPTI). The diagram
on the left shows the surface of trypsin, with BPTI as a ribbon. The lysine residue at the P1 position in BPTI (that is, the cleavage
site) is indicated. The middle diagram shows an expanded view in which the front part of the complex has been cut away,
showing how the P1 lysine residue is recognized by trypsin. The lysine fits into a deep pocket in trypsin (the specificity pocket)
and forms a salt bridge to Asp 189 at the end of the pocket. The diagram on the right shows how the interaction between Asp
189 in the specificity pocket positions the backbone of the BPTI protein. Notice that the lysine is positioned so that the serine
residue of the catalytic triad is directly below it. A disulfide bond joining loops of the inhibitor, stabilizing it and suppressing
cleavage, can be seen just in front of the histidine. (PDB codes: 3BTK and 3FP6.)
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The dissociation rate constant is estimated to be 5 × 10–8 sec–1, which corresponds
to a bound half-life of about six months.
The surface of trypsin contains a groove within which the peptide substrate binds
(see Figure 16.39). In the case of BPTI, one of the loops of the protein lies along
this groove, as shown in Figure 16.40. The groove on trypsin has one deep pocket
that is just past the amide bond that will be cleaved, as shown in the middle panel
of Figure 16.40. The substrate is positioned so that the sidechain of the residue just
before the amide bond to be cleaved (the P1 residue) fits into this pocket, which
is relatively long, narrow, and hydrophobic, except for an aspartate residue at the
very end of the pocket (Asp189). The P1 residue is lysine in the case of BPTI, but it
can be either lysine or arginine in other substrates. The specificity pocket does not
accommodate residues other than lysine and arginine, so trypsin cleaves proteins
only after lysine and arginine residues.

16.24 The specificities of serine proteases vary considerably,
but the catalytic triad is conserved
The overall structures of the serine proteases vary considerably (two examples
are shown in Figure 16.41), as do the interactions leading to specificity. Chymotrypsin, which is closely related in structure to trypsin, has a somewhat wider and
more hydrophobic specificity pocket than does trypsin, and it lacks the aspartate
that in trypsin recognizes lysine or arginine residues in the substrate. As a consequence, chymotrypsin cuts the polypeptide backbone just after large hydrophobic residues. Some proteases, such as subtilisin (see Figure 16.41A) have no
well-defined specificity pockets and, hence, little sequence preference for where
they break amide bonds.
The catalytic triad is a completely conserved feature of all of the serine proteases.
Some of the serine proteases, such as chymotrypsin and subtilisin, are closely
related to trypsin and so it is not surprising that these catalytic residues are conserved. But other serine proteases, such as tripeptidyl peptidase, have distinct
(A)
Ser
Asp
His

subtilisin
(B)

His
Figure 16.41 Conservation of the
catalytic triad in serine proteases.
(A) The structure of the broad
specificity protease subtilisin is shown,
with the catalytic triad shown in the
expanded view. (B) The structure of
tripeptidyl peptidase and its active site
are shown. (PDB codes: A,1C3L;
B, 2D5L.)
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folds and yet have a conserved catalytic triad. If you compare the structures of
subtilisin and tripeptidyl peptidase, shown in Figure 16.41, you will see that the
residues of the catalytic triad are presented by different secondary structural elements in the two enzymes. Clearly, evolution has found this arrangement of these
three residues to be a good solution to the problem of cleaving the peptide bond.

Figure 16.42 Schematic drawing of
peptide bond cleavage by a pingpong mechanism, as catalyzed by
a serine protease such as trypsin.
In the first step, the peptide bond is
cleaved, and the C-terminal peptide
product is released. At the end of
this step, an intermediate is formed
in which the remaining portion of
the peptide is attached to the serine
residue of the catalytic triad (the acyl–
enzyme intermediate). The transition
states for the reactions are shown
in brackets with a ‡. Note that both
transition states involve the formation
of a negatively charged oxyanion.
The oxyanion is stabilized by the
“oxyanion hole” on the enzyme, which
is illustrated in Figure 16.43.

16.25 Peptide cleavage in serine proteases proceeds via a
ping-pong mechanism
The mechanism of peptide cleavage, as catalyzed by serine proteases, is shown
in Figure 16.42. The reaction occurs in two steps. In the first step, with the substrate bound in the cleft of the enzyme, the amide bond that will be cleaved is right
above the hydroxyl group of the serine of the catalytic triad. The hydrogen bond
between this hydroxyl group and the histidine sidechain, which in turn forms a
hydrogen bond with the aspartate (see Figure 16.39), makes the oxygen much
more nucleophilic than it would normally be. Fluctuations in the protein structure drive the serine oxygen into the carbonyl, and these form a bond. This alters
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Figure 16.43 The oxyanion hole
in trypsin. The structure of trypsin
bound to a substrate is shown. The
developing negative charge on the
carbonyl group at the cleavage site is
stabilized by two or three backbone
amide groups that point towards it.
(PDB code: 3FP6.)

oxyanion
hole
the orbital configuration of the carbonyl from sp2 to sp3, which leaves a formal
negative charge on one of the oxygens (an oxyanion). This is a high-energy configuration, and is the transition state for the first step of the reaction.
The oxyanion in the transition state is stabilized by interactions with the protein.
The trypsin polypeptide fold positions three backbone amide N–H groups so that
they point toward the negatively charged oxygen and can hydrogen bond to it.
This feature in the structure is called an “oxyanion hole” and is illustrated in Figure 16.43. The interaction with the oxyanion hole lowers the energy of the transition state, and so helps to accelerate the reaction.
This process can reverse and go back to unmodified substrate. Alternatively, the
proton that was associated originally with the serine hydroxyl can move to the
amide and, rather than breaking the carbonyl–serine bond, it can break the carbonyl–amide nitrogen bond, releasing the C-terminal segment of the protein and
leaving the N-terminal segment covalently bonded to the enzyme, forming an
“acyl–enzyme” intermediate (see Figure 16.42).
If the reaction stopped at this point the enzyme would be dead because the activesite groove is still occupied by the substrate. To regenerate the free enzyme, a second reaction occurs. This again uses the histidine–aspartate pair, but this time
they activate a water molecule that occupies a position close to the initial position
of the serine sidechain. Through a process rather like the attack of the serine O–H
on the amide bond, this water is made nucleophilic by the hydrogen bond to the
histidine. The water molecule adds to the ester carbonyl group, making a tetrahedral transition state. This results in the elimination of the serine sidechain to give a
free carboxyl at the end of the substrate peptide and regenerates the enzyme. The
products diffuse away from trypsin, leaving it ready to act again.
There are several features of this process that contribute to the rate acceleration of
the reaction by the enzyme relative to the reaction in solution. Substrate binding
positions the amide bond to be cleaved very close to, and in the correct orientation relative to, the serine that will initiate the reaction. This means that there
is a very high effective concentration of the nucleophile. This contrasts with the
situation in water, where there is a low concentration of the attacking hydroxide.
As the reaction occurs and the tetrahedral transition state forms, there is a favorable interaction with the oxyanion hole, stabilizing the transition state and thereby
lowering the activation energy for the reaction. Although two steps are required in
the reaction on the enzyme, rather than one in water, each of these is much faster
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on the enzyme, and so the overall process is accelerated greatly. The effective rate
constant for the enzymatic reaction is as much as 1010-fold higher than that for the
solution reaction. For trypsin, the value of kcat/KM with small substrate peptides
can be as high as 5 × 105 (kcat = 22 sec–1, KM = 45 µM). This is a moderately high
turnover rate for a reaction that is intrinsically difficult to catalyze.

16.26 Angiotensin-converting enzyme is a zinc-containing
protease that is an important drug target
Earlier in this chapter we encountered two enzymes that both cleave nucleotides.
One of these, staphylococcus nuclease, relies on a metal ion to activate a water
molecule (see Figure 16.29). The other, ribonuclease-A, uses two histidines that
engage in acid–base catalysis (see Figure 16.32). Protease enzymes are no different, and nature has come up with several different catalytic strategies to facilitate
the cleavage of peptide bonds. The HIV protease, discussed in Section 16.9, uses
two aspartic acid residues instead of a catalytic triad (HIV protease is an aspartate
protease). Other proteases, known as metalloproteases, use metal ions to activate water molecules for catalysis.
One metalloprotease that is important in human biology is angiotensin-converting enzyme (ACE), a zinc-containing protease that cleaves an inactive 10 amino
acid precursor peptide, angiotensin-I (with the amino acid sequence DRVYIHPFHL), to give mature, active angiotensin-II (DRVYIHPF), a potent vasoconstrictor
that regulates blood pressure.
High blood pressure (hypertension) is a fairly common problem in middle aged
or older people and, without treatment, it leads to heart disease. One successful approach to reducing blood pressure has been to selectively inhibit ACE with
small organic molecules. These were selected for inhibitory activity against ACE
from sets of compounds that were synthesized in laboratories. To be effective as
a drug for treating humans, such compounds must be absorbed after being taken
orally, must be fairly slowly excreted by the body, must not be toxic or have toxic
metabolites, and must be quite selective for the target of interest (ACE in this
case). Such compounds have been identified, tested in clinical trials, and are now
widely used.
Although a knowledge of the enzyme structure is not required for developing a
drug that targets it, having structural information can often help, particularly in
optimizing high-affinity binding. The structure of human ACE with one of the
clinically used ACE inhibitors, a drug called lisinopril, is shown in Figure 16.44.

(A)

(B)

lisinopril

zinc

lisinopril

zinc

angiotensin-converting
enzyme

Figure 16.44 The structure of
angiotensin-converting enzyme
(ACE), a zinc protease. The active
site is occupied by an inhibitor,
lisinopril, an antihypertensive drug.
The complementarity in shape
and character of functional groups
between enzyme and inhibitor is
required to achieve the specificity
needed for the application of an
inhibitor as a drug. (PDB code: 1O86.)
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The enzyme is substantially larger than trypsin and is mostly helical in secondary structure, with an interior cavity containing the zinc ion at the active site. The
drug makes contact with many residues around the active site, which leads to its
high specificity for ACE over the many other zinc proteases present in the human
body. The drug-binding site is the same as that for substrate binding, leading to a
competitive inhibition mechanism. The development of potent, selective enzyme
inhibitors, such as lisinopril, is a major effort in the pharmaceutical industry.

16.27 Creatine kinase catalyzes phosphate transfer by
stabilizing a planar phosphate intermediate
In Section 16.19, when discussing transition state stabilization as a general
enzyme mechanism, we described how ATP hydrolysis by myosin involves a transition state with a planar phosphate group. The transfer of the terminal phosphate
group of ATP, the most common phosphodonor in cells, to a variety of acceptors
is generally important in biochemistry, and this reaction closely resembles the
hydrolysis reaction. We have already encountered two different kinds of protein
kinases (see Figures 16.11 and 16.22) that phosphorylate residues in proteins.
Other kinases phosphorylate small molecules (for example, metabolites), thus
generating key metabolic intermediates such as fructose-1,6,-bisphosphate (see
Figure 16.9).
The enzyme creatine kinase carries out a reversible transfer of a phosphate group
from ATP to the guanidine group of creatine, creating phosphocreatine and ADP,
as shown in Figure 16.45. Phosphocreatine acts as an energy reservoir in cells
such as muscle. When high energy demand begins to deplete ATP in such cells,
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Figure 16.46 The structure of
creatine kinase. The substrates bind
in an active site cleft in the center of
the enzyme. (PDB code: 1O86.)

creatine
ADP

planar phosphate
intermediate
(mimicked by nitrate)
creatine kinase
the reverse transfer reaction occurs, with ADP being rephosphorylated to give ATP
and creatine. This reversibility indicates that the free-energy difference between
reactants and products under conditions in the cell must be quite small. A shift
in concentration, such as when ATP decreases and ADP increases, alters the free
energy enough that the reaction then reverses, and ATP is synthesized.
The two substrates bind in an interior cleft in the enzyme (Figure 16.46) in random order. As is true of many enzymes that use ATP, it is associated with a magnesium ion that bridges two of the phosphate groups, thus reducing the charge
of the triphosphate. The two substrates are bound so that the receiving group of
the creatine and the donor -phosphate group of the ATP are close together. The
transfer of the phosphate is direct, with no covalent intermediate involving the
enzyme.
The transition state of the reaction involves a distorted ATP molecule in which
the terminal phosphate group has adopted a planar trigonal geometry. An actual
transition state has a fleeting existence and, in order to visualize what it looks like,
one has to use molecules that mimic essential aspects of the transition state but
are stable and can therefore be subjected to structural analysis. In the structures
shown in Figure 16.46 and Figure 16.47, the transition state of the reaction is
mimicked by a complex of ADP and nitrate, a planar trigonal molecule. Because
the central atom is nitrogen rather than phosphorus, it cannot actually react
(recall that a vanadate group was used for the same purpose in the analysis of
myosin; see Figure 16.31). The structure shown in Figure 16.47 supports the idea
that the enzyme binds preferentially to the transition state, thereby stabilizing it.
The stabilization of the transition state contributes significantly to catalysis by the
protein.
Arg 320

creatine

ADP
nitrate
Mg2+
Glu 232

Figure 16.47 The active site of
creatine kinase. A transition-statelike complex of creatine and ADP, with
a planar nitrate ion (NO–3) mimicking
the planar phosphate group of the true
transition state. A few key sidechains
from the enzyme, including an arginine
stabilizing the transition state and a
glutamate positioning the creatine
substrate, are also shown.
(PDB code: 1VRP.)
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The phosphotransfer step is rate limiting in the reaction catalyzed by creatine
kinase. For making phosphocreatine from creatine and ATP, the value of kcat is
160 sec–1, and the KM values for Mg-ATP and creatine are 0.2 mM and 15 mM,
respectively. In the reverse direction, the synthesis of ATP from phosphocreatine
and ADP, the value of kcat is 470 sec–1, and the KM values for Mg-ADP and phosphocreatine are 0.084 and 1.3 mM, respectively. The fact that these values for the
forward and reverse reaction are so close tells us that the enzyme-catalyzed reaction is finely balanced between reactants and products.

16.28 Some enzymes work by populating disfavored
conformations
One of the steps in the biosynthesis of the aromatic amino acids phenylalanine,
tyrosine, and tryptophan is the isomerization of a complex intermediate, chorismate, to give prephenate, which is just a few chemical steps from the final amino
acid products (this reaction was mentioned briefly in Chapter 15; see Figure 15.2).
Figure 16.48 shows the chemical transformation that occurs, a unimolecular
reaction catalyzed by the enzyme chorismate mutase.
The transition state for the reaction requires rotation of the fragment that is being
transferred, thus positioning the critical orbitals of the reacting double bonds in
proximity. This conformation of the substrate can occur in solution, and indeed
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Figure 16.48 The rearrangement reaction taking chorismate to prephenate. Interactions of the substrate with the sidechains
of the enzyme are shown, with the substrate in the reactive conformation. Reaching the transition state requires a further motion
to bring the reacting orbitals of the double bonds even closer together. The dotted lines in the transition state (in brackets with a ‡)
indicate bonds in which electrons are being rearranged as the bond to the oxygen breaks, the position of the double bond in the ring
shifts, and the bond between the carbons forms. (Adapted from X. Zhang, X. Zhang, and T.C. Bruice, Biochemistry 44: 10443–10448,
2005. With permission from the American Chemical Society.)
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the reaction does occur in water, but at a very slow rate. The enzyme speeds up the
reaction by binding the substrate and holding it in the appropriate “near-attack”
conformation shown in Figure 16.48. This conformation of the substrate is stabilized by specific contacts with sidechains of the enzyme, some of which are shown
in Figure 16.48.
Even after the appropriate conformation is adopted by the substrate on the enzyme,
the reaction requires a further structural fluctuation to occur that drives the orbitals together to overlap sufficiently for the new carbon–carbon bond to form and
the old carbon–oxygen bond to break. It was found experimentally that the activation energy for the reaction is reduced from 84 kJ•mol−1 in water to 50 kJ•mol−1 on
the enzyme. Computer calculations have shown that this 34 kJ•mol−1 difference
corresponds to the free energy cost of converting the chorismate from its lowenergy states in water to the “near-attack” conformation required for the reaction.
The energy required to alter the conformation comes from the energy of binding
of the substrate to the enzyme. The remaining 50 kJ•mol−1 of activation energy on
the enzyme represents the energy required to drive the reacting orbitals together,
and this energy is essentially the same whether it occurs in water or bound to the
enzyme. Thus, catalysis in this enzyme system is achieved primarily through conformational restriction of the reacting substrate. The experimentally determined
rate enhancement of the reaction is 2 × 106 relative to the reaction in solution.
The kcat value for the enzyme-catalyzed reaction is 50 sec–1 and the value of KM is
100 µM.
Chorismate mutase has a relatively simple fold, with three helices packed together
with a second copy to make a dimer, as shown in Figure 16.49. The binding site for
the chorismate is in a pocket in the center of the four-helix bundle formed through
dimerization. There are positively charged sidechains that interact with the carboxylates of the substrate. There are also hydrogen bonds to heteroatoms of the
substrate and some hydrophobic contacts that help induce the reactive conformation of the substrate when it is bound to the enzyme.
(A)

(B)
substrate
mimic
Arg 11

Arg 28
chorismate mutase

active site

Figure 16.49 The structure of a chorismate mutase. (A) The enzyme is a dimer, with
each subunit comprised of three helices that pack together in the dimer to form two
four-helix bundles. The active sites in this structure are occupied by a substrate mimic
(just one is shown) that has one of the key double bonds in the substrate reduced to
a single bond, thus preventing the reorganization of the bonds that leads to product.
(B) The expanded view of the active site shows the contacts between the enzyme
and substrate or inhibitor. These contacts contribute to binding the substrate in the
productive conformation, an important component of catalysis in this case. (PDB code:
1ECM.)
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The structure of chorismate mutase shown in Figure 16.49 has an inhibitor bound.
This inhibitor is an example of a transition state analog—that is, a compound that
looks like the transition state for the reaction in both composition and geometry, but is altered in some key way to prevent reaction. In this case, the reaction
requires the presence of double bonds so that there can be a concerted shift in
the bonding to give product (Figure 16.50). In the transition state analog, both
the bonds to the oxygen and carbon are present, but the key ring double bond in
substrate that shifts upon reaction is missing, so no reaction can occur. Because
the geometry of the inhibitor is very similar to the transition state, with which the
enzyme interacts strongly, the contacts to the enzyme lead to tight binding of the
inhibitor.
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16.29 Antibodies that bind transition state analogs can have
catalytic activity
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An interesting exploitation of the transition state stabilization concept is the
development of antibodies (produced by the body to recognize “foreign” molecules) that are enzymes (that is, are catalytic). Catalytic antibodies are generated
by first synthesizing molecules that are stable analogs of the transition state for the
reaction to be catalyzed. Such analogs were mentioned in the previous section as
very potent enzyme inhibitors, since they can bind tightly to the enzyme, which
is optimized to stabilize the transition state. One example of such a compound is
shown in Figure 16.50 for the chorismate mutase reaction.
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Figure 16.50 The transition state
for the reaction catalyzed by
chorismate mutase. Below the
drawing of the transition state (A) is
(B) the structure of the transition state
analog that is bound to the enzyme in
the structure shown in Figure 16.49.

For some transition state analogs, a significant fraction of the antibodies produced are in fact catalytic—that is, they act as enzymes for the desired reaction.
One of the first reactions for which a catalytic antibody was developed is a simple hydrolysis of a carbonate. The transition state mimic contains a phosphate,
which is stable in a tetrahedral geometry in place of the carbonate (Figure 16.51).
This approach has been applied to many reactions for which there is no natural
enzyme, but also to some for which natural enzymes exist. The catalytic antibodies produced have essentially all of the properties of natural enzymes, although
they generally do not have as much catalytic power (kcat/KM) as natural enzymes.
For the carbonate hydrolysis reaction shown, an antibody called MOPC has a kcat
of just 0.4 min–1 and a KM of 208 µM (kcat/KM = 32).
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The rationale behind catalytic antibodies is to turn this idea around and to find
antibodies that bind the transition state analog tightly, which should then stabilize, in turn, the transition state itself. Such antibodies are generated by injecting
the transition state analogs into animals (attached to a carrier protein to make
them more immunogenic) to induce antibodies that recognize them. The antibodies are then screened for catalysis, using the substrate for which the analog
mimicked the transition state.

The catalytic antibody MOPC increases the rate of the hydrolysis reaction by
about 1000-fold over the rate for the uncatalyzed reaction (that is, much less than
the rate accelerations seen for natural enzymes). Although catalytic antibodies
have now been generated for many different chemical reactions, it turns out that
all of these have much lower catalytic efficiency that natural enzymes do. Thus,
preferential binding to the transition state is just one of the mechanisms by which
enzymes increase the speed of reactions and, by itself, transition state stabilization is not enough to explain the speed of enzyme-catalyzed reactions.
Figure 16.51 Transition state for hydrolysis of a carbonate.
(A) The reaction for hydrolysis of a carbonate by hydroxide is shown,
with a tetrahedral intermediate transition state. (B) A phosphate
analog that mimics the transition state with the same geometry
and charge distribution, but is a stable molecule. Antibodies that
recognize this molecule catalyze the hydrolysis reaction by stabilizing
the transition state. (From S.J. Pollack, J.W. Jacobs, and P.G. Schultz,
Science 234: 1570–1573, 1986. With permission from the AAAS.)

